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ABSTRACT 
Microbial communities are initiators, controllers, and mediators of biogeochemical 
processes, and nutrient and carbon cycling within terrestrial environments. Soil health is also 
maintained by microbial communities, including water retention, organic matter build-up, 
and aggregation of soil particles. All of these factors combined, create an enormous impact 
on terrestrial ecosystems, disproportionate to the microbial cell size, influencing everything 
from plant productivity and diversity, soil habitat maintenance, and the balance between 
carbon lost to respiration and carbon maintained within soil as organic matter.  
Inclusion of microbial communities into management decisions is necessary to fully 
improve sustainability efforts and productivity. This research investigates the interaction of 
the aboveground management’s impact on microbial community diversity, function, and 
resiliency. Specifically, the impact of cropping system and nitrogen application on the soil 
fungal and bacterial community were explored. In addition, local interactions between plants 
and fungal communities are examined to determine how trait-based approaches can be 
applied to microbial ecology. Soil itself is examined as a determinant of microbial 
community diversity, and is demonstrated to have a strong impact on both fungal and 
bacterial community structure. In compliment, a novel technique utilizing fluorescently 
labeled cellulose nanocrystals allows us to address ecosystem scale questions regarding 
cellulose degradation and utilization within a reductionist and tractable approach.  
 
 
 
 
 1 
 
CHAPTER 1 
GENERAL INTRODUCTION 
Microbial communities are initiators, controllers, and mediators of biogeochemical 
processes, nutrient and carbon cycling, within terrestrial environments (Falkowski et al., 
2008; Allison et al., 2010; Schimel and Schaeffer, 2012). Soil health is also maintained by 
microbial communities, including water retention, organic matter build-up, and aggregation 
of soil particles (Young and Crawford, 2004; Yang et al., 2009; Schimel et al., 2007). All of 
these factors combined, create an enormous impact on terrestrial ecosystems, 
disproportionate to the microbial cell size, influencing everything from plant productivity and 
diversity, soil habitat maintenance, and the balance between carbon lost to respiration and 
carbon maintained within soil as organic matter.  
However, our understanding of both the microbial community dynamics themselves 
and their interactions with the environment remain poorly understood due the highly complex 
nature of soil microbial communities (Widder et al., 2016). These highly diverse, intractable 
communities within soil have remained poorly understood due to the inability to evaluate the 
full diversity and determine the main environmental factors of the community in terms of 
membership and function (Schimel, 2016). Determinants of microbial community structure 
are not as clear as macro fauna, in part due to the only recent advances in sequencing 
technology that have allowed their study, but also due to the unique traits of microbes that 
macro-organisms lack. For example in Nemergut et al. review of microbial community 
assemblage theory, they state passive dispersal, dormancy, phenotypic plasticity, short 
generation times, and rapid evolution as differences that must be accounted for when 
comparing macro-ecological theory to microbial ecological theory (2013).  
 2 
Spatial and temporal scaling is important for addressing community dynamics of 
microorganisms. Microbial communities can create a new generation in a matter of minutes 
or can take thousands of years (Lomstein et al., 2012; Powell, 1956), creating complex 
temporal dynamics to capture community structure. Spatially, microorganisms are highly 
minute in scale when compared to other components of the environment. For example, soil 
itself is highly heterogeneous due to various things such as aggregate sizes which can cause 
microbial communities to be highly variable even over small spatial scales (Sexstone et al., 
1985). Scaling from a single microorganisms to ecosystem level processes can be daunting, 
with the amount of diversity found in microbial communities and difficulties teasing apart 
the environment. All of those challenges make it difficult to identify and understand the most 
important biotic component of biogeochemical cycling, microbial communities, within 
terrestrial systems. However, keeping spatial and temporal scaling in mind, using directed 
soil sampling techniques, and pairing with traditional microbiology culturing techniques and 
traditional biogeochemistry measurements we can begin to understand these highly complex 
and vital communities and how they relate to the larger ecosystem (Schimel, 2016). 
The plant-microbe interaction is a key determinant of nutrient and carbon cycling 
(Prober et al., 2015). However, management decisions to improve sustainability or plant 
productivity often ignore belowground dynamics (Strickland et al., 2017). Inclusion of the 
interaction between the plant community and microbial community is necessary to fully 
model and address sustainability efforts and potential biogeochemical responses to climate 
challenges or other abiotic stressors. A significant change in land-use that has occurred in the 
U.S. is conversion of traditional agricultural fields to diversified bioenergy production or 
other alternative management practices (Fargione et al., 2008; Börjesson and Tufvesson, 
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2011). While this conversion from single-crop rotation agricultural practices promises more 
aboveground diversity, it does not address the microbial community response to the shifting 
plant community. How and when the microbial community responds to the shifting plant 
community will have long term impacts on sustainability and soil health, in particular the 
abundance of soil organic matter, revitalizing lost carbon stocks from agricultural soils (Six, 
2013; Banwart, 2011).  
In this dissertation, chapter 2, I aim to address how the microbial community 
responds to a shifting plant community during a prairie restoration, for the purposes of 
diversified biofuel cropping system, and how extracellular enzyme activity for carbon, 
nitrogen, and phosphate cycling change across sampling seasons and years. In addition to 
addressing community scale plant-microbe interactions, local interactions with specific plant 
functional groups or plant species are investigated in chapter 3. As previously stated, 
microbial communities are structured on a highly different scale than macro fauna. To ignore 
local interactions of plant-microbe communities would lead to potentially ill-informed 
management decision-making. 
Another vital part of determining community membership and function of microbial 
communities is the soil structure itself. Soil can be divided into soil aggregate fractions based 
on the diameter of soil particles (Van Bavel, 1950; Loch and Donnollan, 1983). These soil 
aggregate fractions vary in their carbon to nitrogen ratios and the types of carbon compounds 
(Cambardella, 1993; Six et al., 2000; Six et al., 2002; Mikha et al., 2004). These spatially 
unique environments select for distinct microbial communities within soil (Bailey et al., 
2013; Bach et al., 2017). Large macro aggregates, LM (>2000 μm), are believed to have 
more labile carbon than small micro aggregates, while MICRO (<250 μm) are considered to 
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have more processed carbon (Elliott, 1986). The formation and turnover of soil aggregate 
fractions across a growing season has not been investigated to determine if distinct microbial 
communities are formed in separate aggregate fractions. Changes in the microbial 
community within aggregate fractions represent potential “hot spots” of diversity across a 
growing season in response to both changing plant inputs and carbon availability as MICRO 
aggregate fractions are freed from LM aggregate fractions. Utilizing aggregate fractions of 
soil allow us to use a microbially relevant scale to address ecosystem services. In chapter 4, I 
aim to address the spatio-temporal dynamics of the microbial community within soil, using a 
microbially relevant scaling technique to address larger soil health maintenance and 
ecosystem services. Both seasonal turnover of aggregates and inter-annual site variability 
were addressed in the response of the fungal and bacterial community structure across 
aggregate fractions.  
An additional way to address the complexities of the soil microbial community is to 
systematically reduce the diversity of the microorganisms to investigate community function 
in greater clarity. Using traditional microbiology culturing techniques we can predict how the 
environmental community will respond to either changing substrate inputs or competition 
amongst the community itself and how they relate to biogeochemical processes (Youngblut 
and Buckley, 2017; Maynard et al., 2017). Using the knowledge gained in these simpler 
communities allows for directed evaluation of larger metagenomic datasets from soil 
communities, and has even been applied across ecosystems to initiate soil community 
analysis (Howe et al., 2014). In chapter 5, I utilized novel labeling technique of cellulose to 
reduce the community diversity and directly target cellulose utilizing community members 
 5 
from the soil-derived culture. This directed methodology allowed us to better understand the 
diversity of the cellulose-utilizing community within soils. 
Overall, these experiments seek to enhance our understanding of how microbial 
communities are shaped by their environment on a microbially relevant spatio-temporal 
scale. Interactions between microbial communities and plant communities as well as soil 
itself are essential to understand how these vitally important microbial communities relate 
within the environment.  
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CHAPTER 2 
BELOWGROUND RESPONSE OF PRAIRIE RESTORATION AND RESILIENCY 
TO DROUGHT 
A paper formatted for Restoration Ecology 
Racheal N. Upton, Elizabeth M. Bach, and Kirsten S. Hofmockel 
 
Abstract 
Soil microbial communities are mediators of decomposition and elemental cycling in 
terrestrial ecosystems. The dynamics of microbial membership and activity in response to 
nitrogen fertilization, plant community, and inter-annual abiotic factors are important aspects 
of belowground biogeochemistry with repercussions for plant productivity in restored and 
managed systems. To understand how nitrogen inputs influence microbial community 
structure and the cascading effects on decomposition, we measured soil microbial community 
structure, extracellular enzyme activity, and resiliency of both microbial diversity and 
enzymatic activity in a long-term biofuel cropping system experiment. Our study was 
performed at the Comparison of Biofuel Systems field-site from 2011 to 2014, in three 
bioenergy cropping systems, continuous corn and two restored prairies, nitrogen fertilized 
and unfertilized. In 2012, the site experienced a severe drought, allowing us to evaluate how 
the belowground community would respond to the disturbance event under the different 
management systems. We hypothesized: 1) the shifting prairie plant communities will result 
in shifting fungal and bacterial communities;  2) Enzymatic function would reflect the 
changing microbial community membership across sampling years and agroecosystems; and 
3) we would see increased resiliency to drought in the fertilized prairie, due to the greater 
 9 
diversity in this cropping system, for the microbial community, leading to a potential 
increase in functional redundancy.  
Our results show cropping system was a main effect for microbial community 
structure, with both prairies diverging from the corn cropping system to become more 
microbially diverse. Inter-annual changes showed that the drought occurring in 2012 
significantly impacted microbial community structure in both the unfertilized prairie and 
continuous corn cropping system, decreasing microbial richness. However, the fertilized 
prairie was not significantly impacted by the drought for microbial richness, suggesting the 
application of nitrogen fertilizer increased resiliency to drought. Similarly, the only year in 
which carbon, nitrogen, and phosphate cycling enzymes were impacted by ecosystem was 
2012, with the fertilized prairie supporting higher potential enzymatic activity then 
continuous corn and the unfertilized prairie. The highest extracellular enzyme activity across 
all ecosystems occurred in 2014, coinciding with the continued root biomass and litter build-
up in this no till system, increasing carbon, nitrogen, and phosphate cycling activity. Our 
results showed that diverse cropping systems still benefit from nitrogen fertilization to confer 
resiliency to disturbance events. Long-term studies for microbial mediation of soil carbon 
and nutrients are necessary for modeling the impacts of restoration on soil organic carbon 
and biogeochemical processes to assure inclusion of sustainability and resiliency.  
 
Introduction 
 Agricultural land use is a major threat to biodiversity and ecosystem functions such as 
climate regulation and maintaining water quality (Tilman et al., 2002). In the tallgrass prairie 
region of North America, conversion to row-crop agriculture has reduced the tallgrass prairie 
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ecosystem by 86% (Samson et al., 2004; Samon and Knopf, 1996), making tallgrass prairie 
among the most “in crisis” ecosystems in the world (Hoekstra et al., 2005; Wright and 
Wimberly, 2013). In the past decade, there has been increased pressure to produce bioenergy 
from agricultural systems, continuing to threaten the remaining tallgrass prairie (Searchinger 
et al., 2008; Fargione et al., 2008; Borjesson and Tufvesson, 2011; Wright and Wimberly 
2013). However, there are proposed bioenergy systems that can use biomass harvested from 
restored tallgrass prairie, creating a potential free market incentive for land owners to restore 
prairie, particularly on marginal lands (Tilman et al., 2006; Jarchow et al., 2012; Gelfand et 
al., 2013). These alternative management system practices are aimed to maximize 
aboveground productivity, while reducing the detrimental impacts of agriculture on the 
ecosystem as a whole (Tilman et al., 2002; Tscharntke et al., 2005; Turner et al., 2007). 
Investigation into how to manage for increased sustainability of these new biofuel 
agroecosystems is vital to understand how to successfully implement agricultural conversion 
to systems that support more biodiversity, increase carbon storage, and promote nutrient 
retention (Jarchow and Liebman, 2012; Kim et al., 2012). Developing sustainable biofuel 
production systems requires understanding the underlying biogeochemical interactions that 
support biodiversity, enhanced carbon storage, and nutrient retention. In addition, 
understanding the biogeochemistry occurring within these biofuel agroecosystems could 
advance opportunities to support biofuel production on marginal lands; which traditionally 
have low carbon and nutrient storage and therefore could provide multiple benefits if 
converted to reconstructed prairie and appropriately managed to maximize ecosystem 
services (Hirsch et al., 2013 and Isbell et al., 2015). 
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Diverse prairies are being reconstructed on traditional agricultural fields to expand 
upon potential sustainable biofuel systems, (Jarchow and Liebman, 2012; Borsari et al., 
2009). These prairie reconstructions provide an opportunity to observe shifts in ecosystem 
functions as diverse native plant communities replace monoculture-cropping systems. During 
restoration from row crop agriculture to diverse prairie communities, the abundance and 
chemistry of plant inputs to soil will change, reflecting plant community composition, 
phenology, and response to environmental cues (De Deyn et al., 2008; Anderson-Teixeria et 
al., 2009). These changes in plant community ecology may affect soil microbial community 
taxonomy, with potential cascading effects on carbon and nitrogen cycling (Barber et al., 
2017; Klopf et al., 2017; Wieder et al., 2013). For example, traditional continuous corn 
agroecosystems have the less abundant carbon inputs into the soil, reflected in the root 
biomass, and less diverse carbon inputs into the soil of the biofuel cropping systems (Collins 
et al., 1999; Allmaras et al., 2004; Dietzel et al., 2015; Dietzel et al., 2017). Changes in 
microbial community will lead to fluctuations in extracellular enzymatic activity and shape 
the general environment, leading to a feedback loop between the soil’s physical properties, 
plant community, and microbial community (Braissant et al., 2003; Waldrop et al., 2004; 
Burns et al., 2013; Sasse et al., 2017). How rapidly microbial communities and their 
extracellular enzymes respond to this changing plant community, as well as the implications 
for coupled carbon-nitrogen cycling, needs to be further investigated to implement biofuel 
production that maximize ecological benefits  (Jarchow and Liebman, 2013; Wardle et al., 
2011; Averett et al., 2004; Baer and Blair, 2008). 
To further improve upon the sustainability of biofuel agroecosystems, the response of 
plant-microbe interactions to land management needs to be investigated across time (Barber 
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et al., 2017). It is well established that plant-microbe interactions regulate the production and 
cycling of carbon and nutrients, with important implications for the long-term fertility and 
productivity of biofuel systems (Landis et al., 2008; McBride et al., 2011). Soil microbial 
communities are highly dynamic in membership, creating a need to evaluate how a microbial 
community responds to a prairie restoration across years in comparison to traditional 
agricultural systems (Buckley and Schmidt, 2003; Kuzyakov and Blagodatskaya, 2015).  
In addition to shifts in belowground inputs from plants, prairie restorations for biofuel 
production often use nitrogen fertilization to increase plant productivity (Jarchow and 
Liebman, 2013). In prairies, the short-term effect of nitrogen fertilization is an increase in 
plant diversity and productivity, although this is timing dependent (Jarchow and Liebman, 
2012). However, one long-term drawback is the potential to decrease native plant diversity, 
as fast-growing plants, both exotic and native, arise in the community (Morgan et al., 2016; 
Flores-Moreno et al., 2016; Harpole and Stevens, 2016). Shifts in the plant communities in 
response to nitrogen fertilization can impact microbial community structure and diversity, 
with implications for microbial activity and function (Leff et al., 2015). Previous studies 
have detected increases in the microbial potential for carbon cycling in prairies compared to 
corn cropping systems (Bach and Hofmockel, 2015; Blanco-Canqui, 2016; von Haden and 
Dornbush, 2017). Evaluation of nitrogen fertilization impacts on long-term studies still needs 
to be investigated for fungal and bacterial communities as well as their enzymatic activities 
in order to evaluate long-term sustainability in response to potential invasive species 
introduction, climatic changes, and disturbance events.  
Another vital part of a successful restoration is the response and increased resiliency 
to disturbance events, such as drought, flood, and fire (Collins, 2000; Collins and Smith, 
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2006; Cleland et al., 2013, Spotswood et al., 2015). Within plant communities, disturbance 
events can cause the community to shift to greater numbers of faster growing, potentially 
invasive species (Concilio et al., 2015; Zelikova et al., 2014). Nitrogen fertilization can 
increase the sensitivity of the plant community to disturbance events, generating a 
compounded effect to potentially alter the community (Collins et al., 2015; Tognetti and 
Chaneton, 2015). Response to disturbance events are often evaluated using the aboveground 
community, creating an area of unknown as to how microbial communities, both in terms of 
composition and enzymatic function, will response to disturbance events in the environment 
(Sheik et al., 2011; Lau and Lennon, 2012). Additionally, utilization of a natural drought 
occurrence accounts for the duration and intensiveness of environment to include all other 
compounding factors during such a disturbance event, such as potential increased 
temperature and loss of productivity.  
Using a soil centered, bottom-up approach, this study examined the long-term impact 
of nitrogen fertilization and cropping system on the microbial community structure and 
enzymatic function of restored grasslands used for biofuel production. Additionally, due to a 
natural drought occurrence, we were able to assess potential resiliency of these cropping 
systems within the microbial community and their enzymatic activity as well as the natural 
recovery afterwards. The Comparison of Biofuel Systems (COBS) field site is aimed at 
evaluating potential biofuel cropping systems to increase plant diversity, sustainability, and 
maintain productivity. For this study we evaluated the continuous corn cropping system, 
restored native prairie, and a fertilized restored native prairie to understand how microbial 
communities, fungal and bacterial, and their extracellular enzymes changed during a prairie 
restoration with time in response to both the shifting plant communities and disturbance 
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events. At the COBS field site, the two prairie communities, unfertilized and fertilized, have 
continued to diverge from each other in plant community composition (Jarchow and 
Liebman, unpublished), in response to the nitrogen application. The fertilized prairie is 
becoming more dominated by C4 grasses than the unfertilized prairie. Additionally, the 
presence of legumes in the fertilized prairie continues to decrease, while the legume 
population increases in the unfertilized prairie. We hypothesize that 1) the shifting prairie 
plant communities will result in shifting fungal and bacterial communities. Due to the ever 
increasing divergence between the two prairie plant communities across years, we 
hypothesize that the fungal and bacterial communities would also shift further apart across 
sampling years within an agroecosystem. 2) Enzymatic function will reflect the changing 
microbial community membership across sampling years and agroecosystems. 3) We will see 
increased resiliency to drought in the fertilized prairie due to the greater diversity in this 
cropping system for the microbial community, creating a potential enhancement in functional 
redundancy. To further inform sustainability efforts, the potential main drivers, plant 
community, nitrogen fertilization, and environmental cues of microbial community changes 
and function were studied across a 4-year sampling period. 
 
Methods 
Field Site Description and Soil Sampling Process 
 All samples were collected at the Comparison of Biofuel Systems (COBS) field study 
site (Boone County, IA). The COBS research site is a random complete block design 
comparing six bioenergy systems; plots measured 27 x 62 m2. This study investigated three 
of these systems: continuous corn (maize; grain and 50% silage harvest for biomass), planted 
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tallgrass prairie (~75% aboveground biomass harvest), and fertilized tall-grass prairie (~75% 
aboveground biomass harvest). Both tallgrass prairie systems were seeded with a mixture of 
31 native genotype prairie species (see Jarchow and Liebman, 2013). Fertilized prairie 
received 84 kg N ha-1yr-1 and continuous corn systems received N inputs in accordance with 
spring nitrate tests (~168 kg N ha-1 yr-1) applied as ammonium nitrate. Detailed COBS 
research site descriptions can be found in Jarchow and Liebman (2013). Soil samples were 
collected during peak growing season mid-August in 2011, 2012, and 2014. Soil cores were 
collected from the top 10 cm of soil using a 5 cm diameter slide-hammer coring device 
(Giddings Machine Company, Windsor, CO). Four cores were collected sterilely from each 
plot (4 plots per treatment) from the continuous corn, prairie, and fertilized prairie systems 
and stored at 4°C during transportation to the laboratory. Soil cores were placed through an 8 
mm sieve by breaking soil along natural points of weakness; whole soil subsamples were 
stored at -20°C and -80°C. 
 
Climatic Data Collection 
 Climatic data was collected from National Center for Environmental Information, 
(National Oceanic and Atmospheric Administration) including average maximum and mean 
daily temperature, total growing degree days, total heating degree days, total cooling degree 
days, and total precipitation for each sampling year growing season for each individual year 
which was defined as May 1st to August 20th for the purposes of this study.  
 
DNA Extraction 
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DNA was extracted using 0.25 g of sub-sample soil using the PowerSoil DNA 
Isolation Kit (Mo-Bio, Carlsbad, CA). Extracted DNA was quantified through nanodrop and 
PicoGreen fluorometry and subsamples were sent off for amplicon based sequencing (ITS 
and 16S) analysis at Argonne National Laboratory (Lemont, IL) on dry ice. Staff at ANL-
NGS core facility performed all downstream processes, including amplification, library 
preparation, and sequencing. Fungal internal transcribed spacers (ITS) region 1 was 
amplified using modified ITS1F (5’ CTTGGTCATTTAGAGGAAGTAA 3’) and ITS2 (5’ 
GCTGCGTTCTTCATCGATGC 3’) primer set (Smith & Peay 2014).  Bacterial 16S gene, 
region V4, was amplified using 515f/806r standard primer set. Both bacterial and fungal 
amplicons for ITS1 (pair-ended: 250 bp X 250 bp) and 16S (pair-ended: 150bp x 150bp) 
were sequenced using Illumina MiSeq 500-cycle kit at the Next Generation Sequencing Core 
(Argonne National Laboratory, Argonne, IL) with the Illumina MiSeq sequencing system on 
separate runs.  
 
ITS and 16S Sequencing Analysis 
Sequencing for both bacteria and fungi were analyzed using methods from Caporaso 
et al. (2010) using the open source pipeline hundo  (https://github.com/pnnl/hundo). Raw ITS 
(fungal) and 16S (bacterial) sequence reads were de-multiplexed with using EA-Utils 
(Aronesty, 2013) with zero mismatches allowed in the barcode sequence. Reads were quality 
filtered with BBDuk2 (Bushnell, 2014) to remove adapter sequences and PhiX with matching 
kmer length of 31 bp at a hamming distance of 1. Reads shorter than 51 bp were discarded. 
Reads were merged using USEARCH (Edgar, 2010) with a minimum length threshold of 175 
bp and maximum error rate of 1%. Sequences were de-replicated (minimum sequence 
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abundance of 2) and clustered using the distance-based, greedy clustering method of 
USEARCH (Edgar, 2013) at 97% pairwise sequence identity among operational taxonomic 
unit (OTU) member sequences. De novo prediction of chimeric sequences was performed 
using USEARCH during clustering. Fungal taxonomy was assigned to OTU sequences using 
BLAST (Camacho et al., 2008) alignments followed by least common ancestor assignments 
across UNITE version 7 database (Koljalg et al., 2013). OTU seed sequences were filtered 
against UNITE version 7 database (Koljalg et al., 2013) to identify chimeric OTUs using 
USEARCH. Following sequencing pipeline, all fungal samples were rarefied to 12,949 reads 
per sample. Bacterial taxonomy was assigned to OTU sequences using BLAST alignments 
followed by least common ancestor assignments across SILVA database version 123 
clustered at 99% (Camacho et al., 2008 and Quast et al., 2013). OTU seed sequences were 
filtered against SILVA database version 123 clustered at 99% to identify chimeric OTUs 
using USEARCH (Quast et al., 2013). All bacterial samples were rarefied to 20,715 reads per 
sample. 
 
Carbon and Nitrogen Enzyme Assays 
 Microbial soil bulk enzyme potential activity was measured using a fluorometric 
enzyme assay (DeForest, 2009; German et al., 2011; Saiya-Cork et al., 2002; Turner, 2010) 
modified for high-throughput and high repeatability (Hargreaves and Hofmockel, 2015).  For 
each sample, 1 g of frozen soil (-20°C ) was resuspended in 125 mL of 50 mM sodium 
acetate buffer, pH 5. Soil slurry samples were placed into 5 mL tubes with labeled substrates 
and incubated for 2 hours in the dark at 25°C on 140 rpm shaker. Substrates used in this 
study, all with a final concentration of 400 mM, included N-acetyl-glucosaminide to measure 
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N-acetyl- β-D-glucosaminidase (NAG), β-D-glucopyranoside to measure β-glucosidase 
(BG), β-D-xylopyranoside to measure β-xylosidase (BX), β-D-cellobioside to measure 
cellobiohydrolase (CB), and phosphate to measure acid phosphatase (AP; Table 2.1) all 
labeled with 4-methylumbelliferyl (MUB) (Bach and Hofmockel, 2015; Hargreaves and 
Hofmockel, 2015). Following incubation, soil slurry with labeled substrate was transferred to 
96 deep well black micro-plates for optical density determination. The optical density was 
read at 450 nm on a microplate reader (BioTek, Winooski, VT). For all samples and 
substrates the absolute potential enzyme activity (nmol h
-1 g
-1 dry soil) was calculated using 
the equations from German et al. (2011). 
 
Statistical Analysis 
All statistical analyses were performed in R Studio version 1.0.136 (R Core Team, 
2016). Using ‘vegan’ package, fisher’s alpha diversity index was used to determine richness 
from the relative species abundance of the fungal and bacterial communities (Oksanen et al., 
2007; Oksanen et al., 2013). Main effects tested on fungal and bacterial richness, evenness, 
and Shannon’s diversity index including cropping system (prairie, fertilized prairie, and 
continuous corn) and sampling year (2011, 2012, and 2014) using a mixed model ANOVA 
(α = 0.05), block was used as random factor. A Tukey’s Honest Significant Difference 
(Tukey’s HSD) post-hoc test was performed on the same mixed model ANOVA to determine 
specific difference between treatment groups (Yandell, 1997 and Miller, 1981). All main 
effects have been tested for significant interactions. Additionally, a Bray-Curtis PCOA 
distance matrix was performed to visualize the variance explained by the main model on the 
microbial communities (Kruskal, 1964). Species abundance and Bray-Curtis distance were 
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used for a PERMANOVA using the ‘ADONIS’ function in the ‘Vegan’ package to evaluate 
to determine if sampling year and cropping system were main effects for the fungal and 
bacterial communities separately. 
Factors that were significant on fungal and bacterial community diversity were 
analyzed for species indicator analysis using the ‘indicspecies’ package to determine which 
groups of the fungal and bacterial community were distinct under each circumstance (De 
Caceres, 2013; De Caceres and Jansen, 2012). 
To evaluate extracellular enzyme activity, all enzyme activity measurements were 
log2 transformed to meet normality restrictions. A mixed model ANOVA (α = 0.05) was used 
between cropping system and sampling year on each individual enzyme separately. 
Individual sampling years were analyzed to evaluate trends across cropping system. A 
Tukey’s HSD was performed on the same mixed ANOVA model to determine the specific 
differences between sampling years and cropping systems. 
 
Resiliency Indices  
 Resiliency was calculated in response to the 2012 drought for extracellular enzyme 
activity and bacterial and fungal richness (Table 2.2). Resiliency was determined using the de 
Vries et al. formula (2012) and Orwin and Wardle (2004): 
Resiliency Index (tx) = (2|D0|)/(|D0|+|Dx|)-1, 
where D0 = Prior to the disturbance event and Dx = the absolute difference between the initial 
measurement and after the disturbance (Orwin and Wardle, 2004; de Vries and Shade, 2013). 
A one-way ANOVA (α = 0.05) was used to determine if cropping system was a main effect 
 20
on the resiliency indices with log2 transformation when necessary to meet normality 
requirements.  
 
Results 
Climatic Variables 
 In 2012, the study site experienced a drought during the early growing season (May 1 
to August 20, for the purposes of this study), with only 258 mm of precipitation (2011=434 
mm; 2014=540 mm). Additionally, the average daily mean and maximum temperature was 
higher than either the 2011 or 2014 growing seasons (Table S2.1).  
 
Microbial Community Composition  
ITS1 and sequencing provided 7,950 unique fungal OTUs. Fungal communities 
across all samples were dominated by the Ascomycota phylum, comprising over 40% of 
identified reads, followed by the Zygomycota, 33%, as defined by Benny et al. (2014), and 
Basidiomycota, 21% (Table 2.4 and Fig. 2.1). Our study demonstrates that cropping system 
and sampling year significantly impact fungal communities. Total fungal OTU community 
structure is significantly impacted by both cropping system and sampling year (F2,34=4.6; 
P=0.001, F2,34=1.5; P=0.03). Approximately 30.9% of the total variance in the fungal 
community is explained by cropping system and sampling year (Fig. 2.2).  
16S V4 sequencing provided 16,872 unique bacterial OTUs. Acidobacteria, 
Actinobacteria, Proteobacteria, Bacteroidetes, and Verrucomicrobia were the dominant 
bacterial phyla (Table 2.6). Total bacterial community structure was significantly impacted 
by both cropping system and sampling year (F2,34=2; P=0.001, F2,34=3.2; P=0.01). For the 
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total bacterial community structure, cropping system and sampling year accounted for 
approximately 31.7% of the total variance (Fig. 2.3).  
 
Cropping System Impacts 
Our results demonstrated that cropping system is a main effect for fungal community 
structure, with both prairies diverging from the corn to be more diverse (Table 2.2a). 
Cropping system was a significant main effect on fungal richness (F2,33=8.4; P=0.001) and 
Shannon’s diversity index (F2,32=4.1; P=0.03), but not on evenness (Fig. 2.4, Table 2.2a).  
Fungal richness was over 30% greater in the two prairie ecosystems than in the continuous 
corn cropping system (Fig. 2.4).  
Fungal taxonomy was significantly changed under different cropping systems (Table 
2.2b). The relative abundance and normalized abundance of Ascomycota phylum was 
significantly affected by cropping system (F2,34=12.5; P=3.8e-6) with no interaction with 
sampling year (Table. 2.2b). Ascomycota phylum was most dominant in the continuous corn 
cropping system across years, and was lowest across sampling years in the unfertilized 
prairie. Glomeromycota, were almost absent in the corn cropping system across all years, and 
had a significant increase in both prairie systems (F2,34=21.3; P<0.0001; Table 2.2b).  
Basidiomycota and Zygomycota abundance was not significantly impacted by cropping 
system (Table 2.2b). 
In general, cropping system did not have as strong of an impact on bacterial 
communities as sampling year. The bacterial community diverged between the corn and 
unfertilized prairie cropping systems. Shannon’s diversity index was the only diversity 
measurement for the bacterial community that was moderately significantly affected by 
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cropping system (F2,31=3.1; P=0.06; Table 2.2c). In a direct two-way ANOVA by cropping 
system only prairie and continuous corn were significantly different for bacterial richness and 
Shannon’s diversity index (F1,20=5.5; P=0.03, F1,20=4.8; P=0.04). Individual bacterial phyla 
abundance did not generally show a strong relationship to cropping system. The exception is 
Acidobacteria, which was most abundant in the corn cropping system, followed by the 
unfertilized prairie then the fertilized prairie (F=5.1; P=0.01; Table 2.2d). 
 
Time Effects  
Time did not have as strong an impact on fungal community as cropping system. 
Among sampling years richness and Shannon’s diversity were lower in 2012 then both other 
sampling years (F2,20=5.7; P=0.008, F2,20=3.1; P=0.06), and evenness did not differ (Table 
2.2a). Sampling year significantly impacted fungal phyla, but showed differences depending 
on the cropping system. In both prairie ecosystems Basidiomycota increased in relative and 
normalized abundance across sampling years concurrent with shifts in plant communities; 
however, in the corn system the relative abundance remained consistent across all sampling 
years (Table 2.2b). Individual orders of the Basidiomycota phylum were only found in the 
later sampling years of the study, such as Russulales, Corticiales, and Phallales. 
Glomeromycota, were almost absent in the corn cropping system across all years. In both 
prairies, the relative abundance of Glomeromycota increased across sampling years, starting 
at 2.7 to 3.9% in 2011 and increasing to 5.7 to 6.4% in 2014 (Table 2.2b). Normalized 
abundance of Glomeromycota followed the same trends as relative abundance across 
cropping systems and sampling years. 
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Across all years, bacterial diversity measurements were more strongly impacted by 
sampling year than cropping system (Table 2.2c). Sampling year had a significant impact on 
bacterial richness, evenness, and Shannon’s diversity index (F2,31=7.2; P=0.003, F2,31=10; 
P=0.0004, F2,31=13.2; P<0.0001; Fig. 2.5; Table 2.2c). Sampling years showed an increase of 
over 10% of bacterial richness from 2012 to 2014 (P=0.003). Shannon’s diversity index and 
evenness were significantly lower for sampling year 2012 from sampling years 2011 and 
2014 (2011: P=4.9e-4, P<0.0001, 2014: P<0.0001, P=0.005). Investigating individual 
cropping systems showed sampling year had a significant impact on bacterial richness in 
continuous corn (F2,9=5.1; P=0.02) and a moderately significant impact in the unfertilized 
prairie (F2,9=2.6; P=0.09).  
Inter-annual site changes had a larger impact on the bacterial than fungal 
communities, with significant decreases in 4 of 5 most abundant phyla, Acidobacteria, 
Actinobacteria, Proteobacteria, and Verrucomicrobia in 2012 during the drought (Table 
2.2d). The only exception to the most abundant bacterial phylum decreasing is Bacteroidetes, 
which increased in abundance across all cropping systems, and Acidobacteria in the fertilized 
prairie that increased in relative abundance in 2012. The relative abundance of 
Proteobacteria was significantly impacted by sampling year (F2,34=18.6; P<0.0001) and had 
a significant interaction with cropping system (F4,32=3.5; P=0.02; Table 2.2d). All cropping 
systems had a significant decrease in relative abundance of Proteobacteria in 2012, with the 
largest decrease occurring in the corn cropping system. Acidobacteria relative abundance 
was significantly affected by year (F2,34=4.3; P=0.02) and moderately by the interaction with 
cropping system (F4,32=2.3; P=0.07; Table 2.2d). Acidobacteria peaked in 2012 and 
decreased in 2014 in both the corn and unfertilized prairie ecosystems, but the fertilized 
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prairie community was stable despite environmental changes. Across all cropping systems 
relative abundance of Verrucomicrobia decreased across sampling and was significantly 
different in 2014 than previous sampling years (F2,34=15.6; P= 4.5e-5; Table 2.2d). The 
Bacteroidetes phylum increased in relative abundance in 2012 and was significantly 
impacted by sampling year across all cropping systems (F2,34=8.2; P=0.002). Actinobacteria 
had a reverse relationship of Bacteroidetes, with a decrease in relative abundance in 2012 
across all cropping systems. Only sampling year was significant for impacting the relative 
abundance of Actinobacteria (F2,34=14.6; P<0.0001; Table 2.2d).  
 
Interaction of Time and Cropping System on Indicator Family Analyses 
An indicator species analysis showed changes in distinctiveness of fungal families 
across sampling years by cropping system. The corn cropping system generally had the 
fewest distinct fungal families, with the exception of 2012 during the drought, where it had 
the highest number of indicator fungal families. The unfertilized prairie cropping system had 
the largest change in indicator fungal families during the drought year, with no distinct 
fungal families being found in 2012. The fertilized prairie had a moderate number of 
indicator fungal families in all sampling years. An indicator species analysis by year and 
cropping system showed that in 2011, prairie had 8 unique fungal families, fertilized prairie 
had 7, and corn had 4. In 2012, corn had 7 and fertilized prairie had 3, while none were found 
in the unfertilized prairie. In 2014, the fertilized prairie had 11 unique fungal families, 
unfertilized prairie had 5, and corn had 3 (Table 2.5). 
Bacterial family indicator analysis showed a high number of repeated, but less 
diverse, bacterial families in the corn cropping system across years. Generally, the fertilized 
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prairie had the highest number of indicative bacterial families, the exception being 2012 
during the drought, when the unfertilized prairie had the highest number of indicative 
bacterial families. An indicator species analysis showed that in 2011, the fertilized prairie 
had 13 unique bacterial families, corn had 9, and the unfertilized prairie had only 4. In 2012, 
the unfertilized prairie had the most indicative bacterial families, 14, and the fertilized prairie 
and corn cropping systems both had 5. In the last sampling year, 2014, the fertilized prairie 
once again had the most indicative bacterial families, 10, corn had 9, and the unfertilized 
prairie had only 4 indicative bacterial families (Table 2.7). 
 
Interaction of Time and Cropping System on Extracellular Enzyme Activity 
Generally, extracellular enzyme activity showed an increase across sampling years, 
suggesting an increase in function in the microbial community across time (Table 2.2e). 
Carbon cycling enzymes, BG and CB varied significantly by sampling year (F2,30=3.9; 
P=0.03; F2,30=16.8; P=1.3e-5), but not cropping system. BX activity in the corn cropping 
system reached peak activity in 2014 (F2,9=16; P=0.001). Sampling year did not impact the 
fertilized prairie mean potential activity and was non-significantly higher than corn mean 
activity (P=0.08). For nitrogen cycling NAG, 2012 saw a decrease in activity from both 2011 
and 2014 in both the corn and unfertilized prairie cropping systems (F2,29=5.2; P=0.012). 
Phosphorous enzyme AP also followed the same pattern as the other bulk enzymes 
significant for increased activity across the experimental sampling time points (F2,30=30.1; 
P<0.0001), the only difference being that all cropping systems had an increase in activity 
from 2011 to 2012 and again in 2012 to 2014. In 2012, fertilized prairie had significantly 
higher activity than any other cropping system for all enzymes (Table 2.8).  
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Resiliency Measurements 
In general, resiliency indices did not show any difference when investigating richness 
measurements, but did see differences in enzymatic activity between the corn and prairie 
cropping systems. Cropping system did not significantly impact either fungal or bacterial 
resiliency indices of richness (Table 2.3). Resiliency indices of BX activity were significantly 
higher in the unfertilized prairies than the corn cropping system (F2,8=4.4; P=0.05). CB 
resiliency indices were moderately significantly different with higher resiliency indices 
values in the fertilized prairie then all other cropping system (F2,9=3.5; P=0.08). The 
resiliency indices of AP were moderately significantly different between the corn and 
fertilized cropping systems (F2,9=3.3; P=0.0859). 
 
Discussion 
 Our study demonstrates differences in how in microbial communities, fungal or 
bacterial, and their extracellular enzyme activities change over time across three bioenergy 
cropping systems in response to both management treatments and drought. Our results show 
cropping system has a strong influence on fungal community structure, with diverse prairies, 
supporting higher fungal diversity compared to the corn monoculture. Similarly, the bacterial 
community diverged between the corn and unfertilized prairie cropping systems. Unlike the 
fungal community, bacterial diversity in the fertilized prairie was intermediate between the 
unfertilized prairie and corn cropping system; demonstrating the importance of consideration 
of the bacterial and fungal communities separately in managed systems. Consideration of 
both the fungal and bacterial communities is necessary to fully investigate biological 
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interactions in soil, biogeochemical cycling, and the production and turnover of microbial 
biomass, which combined are all aspects of developing sustainable biofuel cropping systems.  
Across the cropping systems, microbial community structure shifted between the 
sampling years, indicating microbial communities are responding to shifts in moisture and 
temperature as well as the plant community. Microbial communities and soil C and N cycling 
shift in response to a changing plant community during prairie restoration (Klopf et al., 2017; 
Barber et al., 2017), but this research provides new insights into how microbial communities 
and their enzymatic activity respond to disturbance events during restoration and 
consequences for degradation of specific organic substrates. We demonstrated increased 
resiliency in the prairies extracellular enzyme activity during a natural drought disturbance 
event and the natural recovery afterwards comparatively to the corn cropping system. 
Independent of cropping system, potential extracellular enzyme activity increased 
consistently across sampling years without disturbance events. 
Our study shows that as a prairie restoration continued, the microbial community 
continues to be shaped in part by the aboveground management and environmental 
conditions across time. Ascomycota were the most abundant phyla across all cropping 
systems, therefore, representing an important aspect of fungal diversity within the site. 
However, they did not differ between the monoculture cropping system and the diversified 
cropping system, so the entire phyla maybe difficult to use as a potential metric of prairie 
restoration success. Specific fungal phyla, particularly the Basidiomycota and 
Glomeromycota, which increased across sampling years within only the prairie cropping 
systems, could serve as future metrics of the success of a prairie restoration on the soil fungal 
community. Basidiomycota increased in both prairies as the time from restoration increased. 
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Basidiomycota are an interesting fungal phylum with highly diverse lifestyles, including 
ectomycorrhizal fungi, plant pathogens, and are highly studied decomposers of lignin and 
carbon (Kellner and Vandenbol, 2010). Their potential role in degrading cellulose within soil 
outside of woodland ecosystems is still understudied but they are proposed to be highly 
important for degradation of carbon within all soil environments (Kjøller and Rosendahl, 
2014); within the two prairies in our study they could play an important role in the 
degradation of the increasing root biomass and litter from the diverse plant communities. The 
prairies also had a significantly higher abundance of Glomeromycota, arbuscular mycorrhizal 
fungus, suggesting these beneficial interactions are occurring more frequently within the 
diversified prairie cropping systems then the corn cropping system (Hibbett et al., 2007; 
Allan, 2017; Van der Heijden et al., 1998).  
Bacteria were more sensitive to drought and environmental changes across sampling 
years than fungal communities, causing bacterial communities to be dominantly shaped by 
sampling year. All dominant bacterial phyla decreased in abundance during the drought with 
the exception of Bacteroidetes. Previous studies investigating bacterial response to drought 
have shown that Bacteroidetes can increase or decrease in the microbial population 
depending on the system or soil type (Chodak et al.; 2015; Acosta-Martinez et al., 2014). 
Within our study site, Bacteroidetes may be more resilient to drought than other bacterial 
phyla. This increase of Bacteroidetes across cropping systems may signify more resistant 
bacterial phyla shaped by the environment, rather than management techniques. We have 
demonstrated discrepancy between the influence of cropping system management and the 
fungal and bacterial community, highlighting the need to undertake long term studies in order 
to capture the full microbial community response to disturbance events.  
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In addition to the changes seen in major fungal and bacterial phyla, we also see trends 
with indicator microbial families, with the prairies having generally higher numbers of 
indicative microbial families except for 2012. The unfertilized prairie has no indicator fungal 
families and the highest number of indicator bacterial families in 2012, demonstrating the 
total microbial community became more defined by bacterial communities than fungal 
communities during drought. The shift to a more bacterially defined community within the 
unfertilized prairie also occurred when there was lowered carbon and nitrogen cycling 
enzymes in the unfertilized prairie. Potentially, the increased bacterially distinct community 
of the unfertilized prairie in 2012 was leading to a decrease in overall microbial contributions 
to carbon and nitrogen cycling, which has ecosystem scale consequences for soil health, 
fertility, and environmental services. Findings in the two prairie cropping systems are 
demonstrating that these systems are potentially more diverse but dynamic microbial 
communities. Overall, during the drought year, there was a decrease in abundant bacterial 
phyla, so the shift in the prairies to being more defined by bacterial communities during this 
time, is differing form the more cosmopolitan bacterial phyla.  
The corn cropping system increased in indicative fungal diversity in 2012, most likely 
due to a lack of unique fungal families in the unfertilized prairie. For both the fungal and 
bacterial families, the corn cropping system has the highest number of repeated indicative 
microbial families across years, suggesting a more consistent, but less diverse indicative 
community. The corn cropping is defined by less diverse more cosmopolitan microbial 
community, reflecting the above ground monoculture plant community. This finding supports 
the need to sample across years to capture the full microbial response to inter-annual 
variability in response to both site and biotic population changes. Additionally, prior studies 
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in restoration ecosystems where only one or a limited number of time points were used did 
not conclude that the microbial community was directly responding to the aboveground 
community or management practices (Moynahan et al., 2005; Strickland et al., 2017). By 
expanding our experimental design to include samples over time we were able to further 
investigate and demonstrate these responses that may have been confounded in previous 
work (Barber et al., 2017).  
 Fungal and bacterial communities did not decrease in diversity as dynamically as in 
the fertilized prairie cropping system compared to other cropping systems during the drought 
event. Drought decreased microbial diversity measurements in the unfertilized prairie and 
continuous corn cropping system. The application of nitrogen in a highly diversified 
cropping system showed potential increased resiliency within the microbial community in 
response to drought (De Vries et al., 2013), this is supported by initial diversity 
measurements and less so by the resiliency indices measurements which were all relatively 
high across the cropping systems. Increased diversity during a drought within a prairie 
community demonstrates a way to increase soil communities’ microbial diversity through 
aboveground management. Utilization of this soil-centered approach to both biodiversity and 
sustainability will directly manage for increased biogeochemical processes and nutrient 
cycling within restored prairies for long-term impacts. With changing global climate, 
especially precipitation patterns, identifying resilient aboveground communities and their 
associated microbial communities is key to helping determine best management practices to 
build systems that can withstand and adapt to changing climate.  
 Our extracellular enzyme activity results also suggested increased resiliency to 
drought in the fertilized prairie. The only year in which enzymes were impacted by cropping 
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system was 2012, with the fertilized prairie supporting higher potential enzymatic activity 
than continuous corn and unfertilized prairie. Generally, potential enzyme activity did not 
differ between cropping systems, suggesting the local edaphic and environmental factors 
were driving extracellular enzyme pools in soil. Despite significant effects of cropping 
system on fungal and prokaryotic community structure, these community differences did not 
correspond to changes in the production of carbon and nitrogen degrading enzymes, except in 
2012 during drought disturbance event. These results are consistent with previous studies 
showing enzyme activity can continue under drought, but typically decreases carbon and 
nitrogen cycling enzymes (Acosta-Martinez et al., 2014; Schaeffer et al., 2017; Manzoni et 
al., 2014). Additionally, the resiliency indices of BX, CB, and AP were all impacted by 
cropping system, with higher indices in the prairies than the corn cropping system.  
We found under drought stress, fertilized prairies supported the greatest potential 
enzyme activity. The fertilized prairie has half the nitrogen inputs the corn cropping system 
does, but over 9 times as many root inputs (Dietzel et al., 2015), indicating that both the 
abundant and diverse carbon inputs as well as the nitrogen application create a more 
productive microbial environment. In the fertilized prairie there may be a higher incidence of 
functional redundancy, due to the higher microbial diversity, occurring in the microbial 
community allowing for resilience to disturbance events such as drought. When multiple 
microorganisms overlap functionally within a management system, there is a myriad of 
levels of sensitivity amongst these organisms, allowing for continued functioning of the 
whole community when a perturbation occurs. Inclusion of these overlapping, but 
functionally maintaining attributes of the fertilized prairie microbial community should be 
considered when assessing bioenergy cropping management strategies (Shade et al., 2012; 
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Griffiths and Philippot, 2013; De Vries et al., 2012). Interestingly, the highest extracellular 
enzyme activity across all ecosystems occurred in 2014, our last sampling time point, 
coinciding with the greatest rainfall during the growing season. The increasing activity across 
the sampling years and restoration time suggests the continued root biomass build up in 
prairies and stover build-up in the no-till corn system, as well as optimal environmental 
conditions, provides increased extracellular enzyme activity cycling activity (Dietzel et al., 
2015).  
Our results showed that diverse cropping systems still benefit from nitrogen 
fertilization to confer potential resiliency to abiotic stress factors; both high carbon inputs 
through the increase root biomass and nitrogen application created a more active and diverse 
microbial community. In addition, after diminished activity in response to drought, all 
microbial communities returned to a pre-drought state in 2014 across all cropping systems, 
demonstrating the ability of the belowground community to respond to disturbance events 
naturally in long-term ecological field sites. Long-term studies for microbial mediation of 
soil carbon are necessary for modeling the impacts of restoration on soil organic carbon to 
assure inclusion of sustainability and resiliency within natural systems. Inclusion of the 
belowground component of the alternative cropping systems is necessary to assure long-term 
sustainability and maintenance of soil health for the complete ecosystem.  
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Tables 
Table 2.1: Extracellular enzyme activity assay enzymes and substrates. 
Enzyme Substrate 
β-Xylosidase (BX) 4-Methylumbelliferyl β-D-xylopyranoside  
β-Glucosidase (BG) 4-Methylumbelliferyl β-D-glucopyranoside  
Cellobiohydrolase (CB) 4-Methylumbelliferyl -β-D-cellobioside 
Acid Phosphatase (AP) 4-Methylumbelliferyl Phosphate 
N-Acetyl-Glucosaminidase (NAG) 4-Methylumbelliferyl N-acetyl-β-D-glucosaminide 
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Table 2.2: Results of main model effects (cropping system and sampling year as well as their interaction) on a) fungal diversity 
measurements, b) abundant fungal phyla, c) bacterial diversity measurements, d) abundant bacterial phyla, and e) 
extracellular enzyme activity using a mixed model ANOVA, values denoted with a (*) are statistically significant (α=0.05).  
 
Fungal Diversity Measurements Richness Evenness Shannon's Diversity Index 
F-Value P-Value F-Value P-Value F-Value P-Value 
Cropping System 8.4 0.001* 1.7 0.2 4.1 0.02* 
Sampling Year 5.7 0.008* 1.6 0.2 3.1 0.06 
Cropping System * Sampling Year 1.8 0.2 0.9 0.5 1.1 0.4 
 
 
 
Abundant Fungal Phyla Ascomycota Basidiomycota Zygomycota Glomeromycota 
 
F-Value P-Value F-Value P-Value F-Value P-Value F-Value P-Value 
Cropping System 12.5 3.8e-6* 0.8 0.5 0.6 0.6 21.3 1.3e-4* 
Sampling Year 0.9 0.4 3.9 0.02* 0.5 0.6 22.3 2.1e-10* 
Cropping System * Sampling Year 0.7 0.6 1.4 0.2 0.2 0.96 1.9 0.1 
 
 
 
Bacterial Diversity Measurements Richness Evenness Shannon's Diversity Index 
F-Value P-Value F-Value P-Value F-Value P-Value 
Cropping System 2.4 0.1 2.80E-04 0.25 3.1 0.06 
Sampling Year 7.2 0.003* 10 4.5e-4* 13.2 7.1e-5* 
Cropping System * Sampling Year 1 0.4 0.9 0.5 1 0.4 
 
 
 
 
 
 
 
a) 
b) 
c) 
43 
 44
Table 2.2 (continued) 
 
Abundant Bacterial Phyla Acidobacteria Actinobacteria Bacteroidetes Proteobacteria Verrucomicrobia 
 
F-Value P-Value F-Value P-Value F-Value P-Value F-Value P-Value F-Value P-Value 
Cropping System 5.1 0.01* 3 0.09 0.7 0.5 0.9 0.4 0.5 0.6 
Sampling Year 4.3 2.0e-2* 14.6 7.11e-5* 8.2 0.002* 18.6 1.3e-5* 15.6 4.5e-5* 
Cropping System * Sampling Year 2.3 0.07 1.2 0.3 0.2 0.9 3.5 0.02 1.4 0.3 
 
 
 
 
 
 
 
 
 
Enzymatic Measurements BG BX CB NAG AP 
 
F-Value P-Value F-Value P-Value F-Value P-Value F-Value P-Value F-Value P-Value 
Cropping System 1.6 0.2 2.7 0.08 1.5 0.24 0.16 0.9 0.57 0.57 
Sampling Year 3.9 0.03* 6.5 0.004* 16.8 1.30E-05 5.2 0.01* 30.8 5.4e-8* 
Cropping System * Sampling Year 2 0.1 2.4 0.07 3.4 0.02* 2.6 0.06 3 0.04 
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d) 
e) 
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Table 2.3: Mean resiliency indices (± 1SE) for bacterial and fungal richness and extracellular 
enzyme activity, values range from -1 to 1 for resiliency indices measurements. Enzymes 
measured were carbon cycling enzymes β-glucosidase (BG), β-xylosidase (BX), and 
cellobiohydrolase (CB), nitrogen cycling enzyme N-acetyl-glucosaminidase (NAG), and 
phosphate cycling acid phosphatase (AP). Statistically different means among cropping 
systems are denoted with (*) (α=0.05). 
Measurement Corn Fertilized Prairie Prairie 
Fungal Richness 0.8 ± 0.05  0.6 ± 0.05 0.6 ± 0.1 
Bacterial Richness 0.8 ± .06 0.8 ± 0.05 0.8 ± 0.08 
BG Activity 0.6 ± 0.1 0.2 ± 0.5 0.6 ± 0.09 
BX Activity 0.4 ± 0.1* 0.4 ± 0.3 0.8 ± 0.07* 
CB Activity 0.08 ± 0.02* 0.5 ± 0.2* 0.1 ± 0.03* 
NAG Activity 0.4 ± 0.2 0.4 ± 0.5 0.5 ± 0.1 
AP Activity 0.2 ± 0.2* -0.5 ± 0.2* -0.3 ± 0.3 
 
 
 
Table 2.4: Mean relative abundance (%) of fungal phyla (+1SE) across all samples. 
Phylum Mean Abundance (%) Standard Error 
Ascomycota 41.801 8.349 
Basidiomycota 20.586 3.377 
Chytridiomycota 0.033 0.021 
Fungi Incertae sedis 0.003 0.000 
Glomeromycota 4.534 1.741 
Neocallimastigomycota 0.005 0.003 
Zygomycota 33.042 5.267 
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Table 2.5: Indicator fungal families by cropping system and year, (α=0.05). Bolded fungal 
families occurred multiple years within a cropping system. 
Cropping System Year Fungal Family P-Value 
Corn 2011 Chaetomiaceae 0.02 
Cystofilobasidiaceae 0.015 
Entolomataceae 0.03 
Pleosporaceae 0.015 
2012 Chaetomiaceae 0.015 
Coniochaetaceae 0.035 
Cystofilobasidiaceae 0.005 
Dermateaceae 0.04 
Entolomataceae 0.005 
Nectriaceae 0.01 
Pleosporaceae 0.01 
2014 Chaetomiaceae  0.015 
Plectosphaerellaceae 0.02 
Pleosporaceae 0.015 
Fertilized Prairie 2011 Bionectriaceae 0.025 
Clavicipitaceae 0.005 
Nectriaceae 0.01 
Plectosphaerellaceae  0.025 
Sarcoscyphaceae 0.045 
Sordariomycetes Incertae 
sedis 0.005 
Tubeufiaceae 0.005 
2012 Hypocreales Incertae sedis 0.04 
Leptosphaeriaceae   0.04 
Stereocaulaceae 0.05 
2014 Chaetothyriaceae 0.01 
Diatrypaceae  0.01 
Hebelomataceae  0.025 
Hypocreales Incertae sedi 0.03 
Leptosphaeriaceae 0.01 
Lipomycetaceae 0.05 
Phaeosphaeriaceae 0.01 
Rutstroemiaceae  0.01 
Sebacinales Group A 0.02 
Stereocaulaceae 0.03 
Xylariaceae 0.05 
Prairie 2011 Glomeraceae 0.01 
Helotiaceae 0.03 
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Hygrophoraceae 0.03 
Pleosporales Incertae sedis 0.02 
Sebacinales Group A 0.025 
Tilletiaceae 0.04 
Trichomonascaceae 0.02 
Ustilaginaceae 0.05 
2014 Claroideoglomeraceae 0.025 
Dothideomycetes Incertae 
sedis 0.05 
Leotiomycetes Incertae sedis 0.03 
Saccharomycodaceae 0.03 
Tricholomataceae  0.02 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Table 2.5 (continued) 
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Table 2.6: Mean relative abundance (%) of bacteria phyla (+1SE) across all samples.       
N/A= not available. 
Phylum Mean Abundance (%) Standard Error 
Proteobacteria 27.731 0.537 
Bacteroidetes 20.881 0.634 
Acidobacteria 18.359 0.447 
Actinobacteria 10.438 0.574 
Verrucomicrobia 7.794 0.194 
Planctomycetes 3.696 0.117 
Chloroflexi 2.939 0.079 
Gemmatimonadetes 2.483 0.106 
Thaumarchaeota 1.132 0.093 
Firmicutes 0.735 0.026 
Nitrospirae 0.666 0.051 
Latescibacteria 0.610 0.033 
Unknown 0.460 0.018 
Elusimicrobia 0.398 0.030 
Armatimonadetes 0.380 0.020 
Cyanobacteria 0.372 0.104 
Parcubacteria 0.182 0.022 
Chlorobi 0.155 0.009 
Fibrobacteres 0.097 0.009 
TM6 0.079 0.008 
Candidate division OP3 0.070 0.009 
Chlamydiae 0.064 0.005 
Microgenomates 0.045 0.006 
Euryarchaeota 0.044 0.005 
Hydrogenedentes 0.043 0.003 
SM2F11 0.027 0.004 
Omnitrophica 0.024 0.003 
Spirochaetae 0.024 0.008 
Woesearchaeota  
(DHVEG-6) 0.023 0.006 
WCHB1-60 0.023 0.003 
Gracilibacteria 0.013 0.002 
JL-ETNP-Z39 0.012 0.002 
Tenericutes 0.011 0.002 
Aerophobetes 0.010 0.002 
SHA-109 0.010 0.001 
WD272 0.010 0.002 
PAUC34f 0.009 N/A 
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Saccharibacteria 0.008 0.001 
Fusobacteria 0.007 0.003 
Diapherotrites 0.007 0.003 
Candidate division WS6 0.007 0.003 
Lentisphaerae 0.006 0.001 
Aenigmarchaeota 0.006 0.003 
Candidate division SR1 0.005 0.001 
Thermotogae 0.005 0.000 
LD1-PA38 0.004 0.000 
Deferribacteres 0.004 N/A 
Deinococcus-Thermus 0.004 0.000 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Table 2.6 (continued) 
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Table 2.7: Indicator bacterial families by cropping system and year, (α=0.05). Bolded 
bacterial families occurred multiple years within a cropping system. 
Cropping System Year Bacterial Family P-Value 
Corn 2011 27F-1492R 0.03 
BSV26 0.015 
cvE6 0.02 
Gemmatimonadaceae  0.02 
Nitrospiraceae 0.015 
Unknown Archaea Group 0.03 
P3OB-42 0.015 
uncultured actinobacterium 0.045 
uncultured soil bacterium 0.035 
2012 bacterium Ellin6095 0.035 
Chthonomonadaceae  0.005 
Nitrospiraceae 0.045 
uncultured actinobacterium 0.005 
uncultured Planctomycetales 
bacterium 0.015 
2014 27F-1492R 0.025 
Acidobacteriaceae (Subgroup 1) 0.05 
DA111 0.05 
Family Incertae Sedis 0.025 
Gemmatimonadaceae 0.03 
Nitrospiraceae 0.025 
Rhizobiales Incertae Sedis 0.05 
Streptomycetaceae 0.05 
Thermoactinomycetaceae 0.035 
Fertilized Prairie 2011 Acidimicrobiales Incertae Sedis 0.045 
Bradyrhizobiaceae 0.025 
Erythrobacteraceae 0.03 
FukuN18 0.05 
Halieaceae 0.05 
Hyphomicrobiaceae 0.03 
Legionellaceae 0.025 
Nocardiaceae 0.045 
Unknown Gammaproteobacteria 0.01 
Pseudomonadaceae 0.015 
Rhodobacteraceae 0.04 
Sandaracinaceae 0.035 
Verrucomicrobiaceae 0.015 
2012 Anaerolineaceae 0.035 
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 Elev-16S-1166 0.02 
Pseudomonadaceae 0.04 
2014 Chthoniobacteraceae 0.015 
DUNssu371 0.045 
Elev-16S-1546 0.01 
JG34-KF-161 0.04 
Phaselicystidaceae 0.01 
Rhodocyclaceae 0.015 
Sandaracinaceae 0.03 
SJA-149 0.03 
Sporichthyaceae 0.05 
uncultured delta proteobacterium 0.03 
Prairie 2011 Kineosporiaceae 0.03 
LD29  0.05 
uncultured gamma proteobacterium 0.035 
2012 480-2   0.05 
Cryptosporangiaceae 0.03 
Cytophagaceae 0.01 
Ectothiorhodospiraceae 0.005 
Erysipelotrichaceae 0.005 
Fibrobacteraceae 0.005 
Flavobacteriaceae 0.005 
Iamiaceae 0.005 
LD29 0.01 
OM1 clade 0.025 
Planctomycetaceae 0.03 
Spongiibacteraceae 0.045 
TK34 0.025 
uncultured Alcaligenaceae bacterium 0.05 
YNPFFP1 0.035 
2014 Anaerolineacea 0.03 
Planctomycetaceae 0.03 
Solimonadaceae 0.04 
Spongiibacteraceae 0.04 
 
 
 
 
Table 2.7 (continued) 
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Table 2.8: Mean potential extracellular enzyme activity (nmol h
-1 g
-1 dry soil) in cropping 
systems by sampling years (+1SE). Enzymes measured included carbon cycling enzymes β-
glucosidase (BG), β-xylosidase (BX), and cellobiohydrolase (CB), nitrogen cycling enzyme 
N-acetyl-glucosaminidase (NAG), and phosphate cycling enzyme acid phosphatase (AP). 
Enzyme Cropping System 2011 2012 2014 
BG Corn 331.39 ± 64.96 305.36 ± 77.71 894.83 ± 255.93 
 Fertilized Prairie 504.61 ± 208.35 989.53 ± 323.61 538.81 ± 106.56 
 
 Prairie 318.77 ± 93.71 357.2 ± 120.8 845.43 ± 371.13 
 
BX Corn 58.12 ±13.03 31.45 ± 8.37 182.85 ±43.6 
 Fertilized Prairie 115.55 ± 57.74 139.59 ± 41.61 116.16 ± 22.11 
 
 Prairie 61.75 ± 21.96 57.88 ± 21.51 152.17 ± 66.97 
 
CB Corn 89.84 ± 31.71 13.07 ± 4.23 137.52 ± 28.54 
 Fertilized Prairie 126.57 ± 60.27 56.56 ± 15.62 58.65 ± 6.76 
 
 Prairie 95.23 ± 51.56 17.15 ± 5.5 88.76 ± 38.13 
 
NAG Corn 164.43 ± 101.99 48.47 ± 10.78 313.24 ± 119.51 
 Fertilized Prairie 126.44 ± 42.37 159.32 ± 36.39 130.36 
 
 Prairie 109.35 ± 30.61 104.8 ± 32.02 210.11 ± 65.98 
 
AP Corn 1007.78 ± 64.37 1835.19 ± 376.33 7003.7 ± 1294.01 
 Fertilized Prairie 904.18 ± 388.06 4819.79 ± 1294.15 3126.03 ± 469.33 
 
 Prairie 692.37 ± 167.84 2667.75 ± 1012.18 4847.54 ± 1651.52 
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Figure 2.1: Relative mean abundance (%) of fungal classes by cropping system and year (CC=Corn, FP=Fertilized Prairie, and 
P=Prairie).
Figures 
CC-2011 CC-2012 CC-2014 PF-2011 PF-2012 PF-2014 P-2011 P-2012 P-2014 
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Figure 2.2: PCoA ordinations on Bray-Curtis Dissimilarity of fungal community sequence data with T-normal ordination ellipses. 
Cropping system and sampling year were both determined significant on fungal community structure using a PERMANOVA 
analysis (P < 0.05).
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Figure 2.3: PCoA ordinations on Bray-Curtis Dissimilarity of bacterial community sequence data with T-normal ordination 
ellipses. Cropping system and sampling year were both determined significant using a PERMANOVA analysis (P < 0.05).
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Figure 2.4: Mean fungal community richness, evenness, and Shannon’s Diversity Index across cropping systems (CC = 
continuous corn; FP = fertilized prairie; P = prairie) and sampling year treatments (error bars are +/- 1SE). 
56 
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Figure 2.5: Mean bacterial community richness, evenness, and Shannon’s Diversity Index across cropping systems (CC = 
continuous corn; FP = fertilized prairie; P = prairie) and sampling year treatments (error bars are +/- 1 SE).
57 
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Supplemental 
Table S2.1: Environmental data from each sampling year, averages from 5/1 to 8/20 for each growing season, data collected from 
National Center for Environmental Information, (National Oceanic and Atmospheric Administration). 
Sampling 
Year 
Average Max 
Temp (οC) 
Mean 
Temp (οC) 
Total Growing 
Degree Days 
Total Heating 
Degree Days 
Cooling Degree 
Days 
Total Precipitation 
(mm) 
2011 26.7 21.1 2262 839 232 434 
2012 28.9 22.2 2433 885 104 258 
2014 25.6 20 1924 483 200 540 
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CHAPTER 3 
LOCAL INTERACTIONS OF FUNGAL COMMUNITIES AND SPECIFIC PLANT 
SPECIES IN IOWAN PRAIRIES 
A paper formatted for New Phytologist 
Racheal N. Upton, Meghann E. Jarchow, and Kirsten S. Hofmockel 
 
Abstract 
The interaction between the total fungal community and individual plant species of 
the prairie environment remains poorly understood due to the complexity of the environment 
and the diverse nature of soil microbial communities. It is unknown how individual plant 
species and the plant community shape grassland fungal community structure. This is 
particularly challenging within a prairie ecosystem where the complex rhizosphere 
environment can be difficult to disentangle from the individual plant species selection on the 
fungal community. We used a plant functional group and species-specific sampling design to 
assess how plant species, plant communities, and grassland management selects soil fungal 
communities. We examined the effects of nitrogen fertilizer on plant community composition 
and the cascading plant community and species-specific effects on fungal community 
structure.  
We found plant community composition varied significantly between the fertilized 
and unfertilized prairie. The absence of legumes in the fertilized prairie was notable, and 
proved to be highly influential on the fungal community composition and diversity. At the 
plant community level, we detected no difference in fungal community structure between 
fertilized and unfertilized ecosystems. Instead we found that one plant functional group and 
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several individual plant species had significant impacts on the fungal community diversity. 
Of the 11 plant functional groups examined only legumes impacted fungal community 
structure. Fungal community richness decreased, resulting in the loss of 22 fungal families, in 
the presence of legumes. This response was largely attributed to the dominant legume, Dalea 
purpurea. In addition to the plant grouping approach that demonstrated the influence of 
legumes, targeted specific species samples also saw the same trends in fungal communities 
associated with D. purpurea. A decrease in overall fungal community richness under D. 
purpurea occurred, however, an increase in carbon, nitrogen, and phosphate cycling 
extracellular enzymes were also found under D. purpurea associated samples. Two forb 
species, Rudbeckia hirta and Silphium laciniatum, also had a significant impact on fungal 
community structure. The impact of D. purpurea and the two-forb species on fungal 
community diversity was disproportionate to their abundance, which was an average less 
than 5%, the total plant community. This study also demonstrates that while nitrogen 
enrichment may not directly affect fungal community structure in prairie ecosystems, it may 
cause an indirect effect by changing the plant community structure and potential function. 
This study also shows how important local plant interactions are for shaping the entire fungal 
community and extracellular enzyme activity in soil. 
 
Introduction 
Soil microbial communities are critical in regulating soil fertility and plant 
productivity and drought tolerance as well as the cycling of carbon nutrients (Hallett and 
Young, 1999; Suzuki et al., 2005; Van Der Heijden et al.; 2008; Marulanda et al., 2009). In 
particular, fungal communities are critical to ecosystem functioning because of their 
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contributions to decomposition, nutrient cycling, soil aggregation, and overall soil fertility 
(Pankhurst et al.; 1995, Jeffries et al. 2003; Gianinazzi et al., 2010). Yet, despite the 
importance of the fungal community we do not know the how plant communities influence 
soil fungal communities nor how these relationships will respond to changing environmental 
conditions, such as nitrogen fertilization. This has important implications for developing 
ecological theory that informs prairie management and restoration efforts as well as potential 
biofuel feedstock applications (Bowles et al., 2014; Amend et al., 2015). 
The relationship between the soil fungal community and individual plant species of 
grassland prairie environment remains poorly understood due to the complexity of the 
environment and the diverse nature of soil fungal communities (Schimel and Schaeffer, 
2012; Torres et al., 2014). Plant species diversity is not a consistent conclusive direct 
predictor of fungal community structure (Zak et al., 2003; Lamb et al., 2011; Prober et al., 
2015). However, the impact of individual plant species on fungal community structure needs 
to be further investigated within field experiments to characterize local interactions within 
grasslands. In microcosm studies, mycorrhizal fungal have been most strongly influenced by 
the dominant plant species (Johnson et al., 1992; Eom et al., 2000; Urbanová et al., 2015). In 
addition, some smaller scale studies using microcosm approaches have examined changes in 
the mycorrhizal community abundance due to different plant species and found an increase in 
mycorrhizae under native and diverse plant communities (Stampe and Daehler, 2003). 
However, in field experiments, plant diversity has been shown to be a nonconclusive 
predictor of fungal community diversity and composition with studies reporting conflicting 
results (LeBlanc et al., 2015; Prober et al., 2015; Wagg et al., 2015; de León et al., 2016).  
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 Trait-based plant studies have created a model to account for local interactions on 
ecosystem level impacts (Suding et al., 2008; Polley et al., 2013). Use of the trait-based plant 
approach has been under utilized in microbial ecology in field studies (Salles and Mallon, 
2014; Aleklett et al., 2015). Some studies have shown how different plant functional groups 
directly impact the fungal community within microcosm studies using a plant monoculture. 
An example of this type of approach within microcosms is the study by Laramer et al. (2014) 
that investigated the dynamics between arbuscular mycorrhizal fungi (AMF) and rhizobia 
using prairie legumes in a controlled environment. Within this controlled environment, 
leguminous plants decreased AMF colonization rates, and increased rhizobia nodules when 
both beneficial microbial groups were present. In addition, a recent experiment showed in 
biodiversity plots that the only plant functional group to impact fungal community 
composition was leguminous plants, potentially due to shifts in nitrogen availability (Dassen 
et al., 2017).  
In a prairie restoration, nitrogen fertilization can be used to promote increased plant 
aboveground plant biomass (Jarchow and Liebman, 2013). However, while nitrogen 
fertilization has increase aboveground productivity, it also decreases belowground root inputs 
into the soil community (Sainju et al., 2005; Dietzel et al., 2015; Nichols et al., 2016; 
Gebhardt et al., 2017). Nitrogen fertilization may influence fungal communities indirectly 
through local plant-microbe interactions. Nitrogen inputs have been shown to decrease fungal 
diversity and biomass across a wide-variety of ecosystems (Wallenstein et al., 2006; Allison 
et al., 2007; Leff et al., 2015; Zhou et al., 2016). The magnitude of the decrease of fungal 
species or functional diversity has been largely attributed to the degree to which the plant 
community responds to the changing nutrient conditions (Leff et al., 2015). Previous studies 
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have shown that nitrogen addition resulted in a decreased competitive advantage for 
symbiotic fungi, causing decreased fungal abundance (Mbuthia et al., 2015). Under nitrogen 
rich conditions, the relationship between mycorrhizal fungi and plants moves away from 
being mutualistic to being commensalistic or parasitic (Johnson et al., 2015). Despite 
taxonomic differences between sites, a consistent response to both nitrogen and phosphorous 
additions is a decrease in mycorrhizal fungi across grassland prairies (Leff et al., 2015).  
To further expand upon our knowledge of plant-fungal interactions, soil ecology itself 
must be given precedence, primarily inclusion of soil heterogeneity (Cahill et al., 2017). 
Greenhouse and field studies have examined microbial communities in the rhizoplane or 
rhizosphere of specific plant species. However, it remains to be examined how rhizosphere 
effects extend into the majority of the soil environment. The soil habitat is comprised of a 
complex matrix of soil particles, soil aggregates and pores that support rhizosphere 
interactions. Novel approaches are required to understand how these cell-scale interactions 
influence the larger ecosystem context.  To address soil heterogeneity in above-belowground 
interaction studies, soil aggregates can be used to capture the full diversity of the soil fungal 
community (Gundale et al., 2017). Soil aggregates are size based soil formations that harbor 
spatially unique microbial communities across aggregate sizes to form the total whole soil 
community. To assure the full diversity of the fungal community is captured, small 
microaggregates (less then 250 μm diameter), the most diverse soil aggregate microbial 
community, in particular must be targeted in addition to bulk soil sampling (Bach et al., 
2017). Capturing the full soil fungal diversity and utilizing trait-based plant approaches 
combined is a progressive approach to addressing fungal-plant interactions in soil. 
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In this study we wanted to determine 1) can local interactions between the plant 
community and the fungal community influence community level interactions 2) What trait-
based plant grouping level (community, plant functional group, and plant species) is 
appropriate for determining the drivers of the plant communities’ impact on the fungal 
community structure? 3) Does nitrogen fertilization decrease fungal community diversity as 
suggested by some studies, or is it mitigated in our diverse plant community prairies? We 
used a plant community and specific species sampling design to assess how plant species, 
plant communities, and grassland management selected soil fungal communities. At two 
different reconstructed Iowan prairies, with and without nitrogen fertilization, we examined 
the fungal community diversity and composition to determine which level of plant groupings 
was appropriate to determine the main effects on the fungal community. In this community 
level sampling scheme we accounted for soil heterogeneity by targeting specific soil 
aggregate fractions, large macro, small micro, and whole soil (Bach et al., 2017; Gundale et 
al., 2017). In addition, we used targeted sampling of individual plant species, as 
representatives of their functional groups, to evaluate their local selection on the fungal 
community and extracellular enzyme activity. We hypothesized that i) higher fungal diversity 
would be found in the unfertilized prairie ecosystem than in the nitrogen fertilized prairie 
because readily available nitrogen for plants would reduce their carbon allocation to 
microbes. Furthermore, we hypothesized ii) the most abundant plant species would have the 
greatest impact on fungal community structure. Previous studies have shown that dominant 
plant species within the microcosm or patch are most influential on the investigating 
mycorrhizal communities (Johnson et al., 1992; Eom et al., 2000). We hypothesize that this 
will apply to the total fungal community in our diversified prairies.  
 65
Methods 
Field Site Description and Soil Sampling Process 
Soil samples were collected during August 2014 at the Iowa State University 
Comparison of Biofuel Systems (COBS) field study site (Boone County, IA, 41°55'14.42"N, 
93°44'58.96"W). The COBS field site description can be found in Jarchow and Liebman 
(2013). Briefly, the COBS experiment had 6 biofuel agroecosystems with four blocks of each 
treatment. Our research focused on the reconstructed prairie treatments with and without 
nitrogen fertilization. Both prairie treatments were seeded with a mixture of 31 different 
native Iowan plant species (Jarchow and Liebman, 2013) in May 2008 on a site that was 
previously used for corn and soybean production. The fertilized prairie treatment received an 
annual application of 84 kg/ha of ammonium nitrate in early May. Aboveground biomass in 
both treatments was harvested annually. On November 14, 2014, the prairies were cut to 15-
20 cm and aboveground biomass removed. Soils at the COBS site range from Nicollet 
(mixed, fine-loamy, superactive, mesic Aquic Hapludoll) and Webster (mixed, fine-loamy, 
superactive, mesic Typic Endoaquoll) loams, with sand content between 27% to 53% and 
clay content between 17% to across the site and clay content ranged from 17% to 32%.  
 
Plant Survey 
 The plant community composition was sampled from August 10-12, 2014 using the 
point-intercept method (as described in Jarchow and Liebman, 2013). Eight 1-m2 areas were 
sampled in each plot using stratified random sampling. At each sample area a thin metal rod 
was dropped 12 times (96 “pin” drops per plot) and the species and number of hits of living 
plant tissue was used to determine plant coverage (Table 3.1). Average percent plant species 
coverage per plot was used in statistical analysis for determining impact on the fungal 
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community structure. Plant species were sorted into 11 functional groups to use a trait-based 
approach to plant grouping levels (Table 3.1). 
 
Soil Aggregate Isolation  
Soil cores were collected from the top 0 to 10 cm deep of soil using a 5 cm diameter-
coring device (Giddings Machine Company, Windsor, CO). Soil cores were collected 
sterilely from each plot (4 plots per prairie treatment) from the same sampling area as plant 
community survey. Soils were stored at 4°C during transportation to the laboratory. Soils 
were physically fractionated to assure total fungal community diversity was captured (Bach 
et al., 2017, unpublished). Initial aggregation was started by placing soil cores through an 8 
mm sieve by breaking soil along natural points of weakness; cores from each plot were 
composited into one large plastic container for soil aggregation isolation. Whole soil 
subsamples were stored at -80°C prior to aggregate isolation for future analysis. 
Soil aggregates were used to increase coverage of the total fungal community 
diversity. Prior studies demonstrated that the greatest diversity of fungi was found if the large 
macro (>2 mm) and small micro aggregates (<250 µm) were used for obtaining the complete 
community of fungi from soil at the COBS field site (Bach et al., 2017, unpublished). Soil 
aggregates were isolated using the optimal moisture method (Shutter and Dick, 2002; Bach 
and Hofmockel, 2014).  Soil was dried to approximately 10% gravimetric water content 
(GWC) at 4°C using silicon desiccant beads. This approach has been demonstrated to 
optimize aggregate isolation and maintain microbial community viability resulting in higher 
enzyme activity than wet or dry sieving methods. To isolate aggregates, repeated batches of 
approximately 500 g of soil were placed on top of a stack of 2 mm and 250 µm sieves mesh 
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openings. The set of sieves were placed onto a sieve shaker (CSI Scientific, Easton, PA) and 
shaken at approximately 200-250 rpms for 120 seconds.  Soil was removed from each sieve 
size and composited together by size for the sampled plot to determine the distribution of 
aggregate size. Aggregate sizes large macro and small micro were saved for future analysis at 
-80°C. Whole soil samples, large macro, and small micro aggregates were used for further 
analyses in the study. 
 
Targeted Soil Cores 
 A representative species for legumes (Dalea purpurea), C3 grasses (Elymus 
canadensis), and C4 grasses (Andropogon gerardii) based on abundance was selected for 
further targeted sampling within the unfertilized prairie. Using a 3 cm corer, the targeted 
plant was threaded through the corer and soil was collected around the root to 10 cm below 
the surface, providing soil samples dominated by the targeted plant species. Soil samples 
were transferred back to the lab at approximately 4°C on ice.  Whole soil sub-samples were 
saved for future analysis and stored at -20°C and -80°C for DNA extraction and extracellular 
enzyme activity. 
 
Extracellular Enzyme Activity Assays 
 Microbial soil bulk enzyme potential activity from the targeted specific plant species 
samples was measured using a fluorometric enzyme assay (Saiya-Cork et al., 2002; German 
et al., 2011) modified for high-throughput and high repeatability (Hargreaves and 
Hofmockel, 2015).  For each sample, 1 g of frozen soil (-20°C) was resuspended in 125 mL 
of 50 mM sodium acetate buffer, pH 5. Soil slurry samples were placed into 5 mL tubes with 
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labeled substrates and incubated for 2 hours in the dark at 25°C on 140 rpm shaker. 
Substrates used in this study, all with a final concentration of 400 mM, included N-acetyl-
glucosaminide to measure N-acetyl- β-D-glucosaminidase (NAG), L-leucine-7-amido-4-
methylcoumarin to measure leucine aminopeptidase (LEU), L-alanine-7-amido-4-
methylcoumarin to measure alanine aminopetidase (ALAL), β-D-glucopyranoside to 
measure β-glucosidase (BG), β-D-xylopyranoside to measure β-xylosidase (BX), β-D-
cellobioside to measure cellobiohydrolase (CB), and phosphate to measure acid phosphatase 
(AP) (Table 3.2) (Bach and Hofmockel, 2015; Hargreaves and Hofmockel, 2015). Following 
incubation, soil slurry with labeled substrate was transferred to 96 deep well black micro-
plates for optical density determination. The optical density was read at 450 nm on a 
microplate reader (BioTek, Winooski, VT). For all samples and substrates the absolute 
potential enzyme activity (μmol h
-1 g
-1 dry soil) was calculated using the German et al. 
equation (2011). 
 
DNA Extraction 
DNA was extracted using 0.25 g of sub-sample soil using the PowerSoil DNA 
Isolation Kit (Mo-Bio, Carlsbad, CA). Extracted DNA was quantified through nanodrop and 
PicoGreen fluorometry and subsamples were sent off for amplicon based sequencing (ITS) 
analysis at Argonne National Laboratory (Lemont, IL) on dry ice. Staff at ANL-NGS core 
facility performed all downstream processes, including amplification, library preparation, and 
sequencing. Fungal internal transcribed spacers (ITS) region 1 was amplified using modified 
ITS1F (5’ CTTGGTCATTTAGAGGAAGTAA 3’) and ITS2 (5’ 
GCTGCGTTCTTCATCGATGC 3’) primer set (Smith & Peay 2014).  Amplicons for ITS1 
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(pair-ended: 250bp x 250bp) were sequenced using Illumina MiSeq 500-cycle kit at the Next 
Generation Sequencing Core (Argonne National Laboratory, Argonne, IL) with the Illumina 
MiSeq sequencing system.  
 
ITS Analysis 
Raw sequence reads were demultiplexed with using EA-Utils (Aronesty, 2013) with 
zero mismatches allowed in the barcode sequence. Reads were quality filtered with BBDuk2 
(Bushnell, 2014) to remove adapter sequences and PhiX with matching kmer length of 31 bp 
at a hamming distance of 1. Reads shorter than 51 bp were discarded. Reads were merged 
using USEARCH (Edgar, 2010) with a minimum length threshold of 175 bp and maximum 
error rate of 1%. Sequences were dereplicated (minimum sequence abundance of 2) and 
clustered using the distance-based, greedy clustering method of USEARCH (Edgar, 2013) at 
97% pairwise sequence identity among operational taxonomic unit (OTU) member 
sequences. De novo prediction of chimeric sequences was performed using USEARCH 
during clustering. Taxonomy was assigned to OTU sequences using BLAST (Camacho et al., 
2008) alignments followed by least common ancestor assignments across Unite version 7 
database (Koljalg et al., 2013). OTU seed sequences were filtered against Unite version 7 
database (Koljalg et al., 2013) to identify chimeric OTUs using USEARCH. Following 
sequencing pipeline, all samples were rarefied to 12,949 reads per sample.  
 
Statistical Analysis 
Plant community data was analyzed for compositional differences between the 
fertilized and unfertilized prairie using a non-metric multi-dimensional scaling, Sorenson 
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method. Plant community diversity measurements, diversity (1/D), species richness, and 
species evenness were analyzed between treatments using PC-ORD version 6.  
Using R Studio version 1.0.136, additional plant community analyses were performed 
to evaluate for independence between plant functional groups by determining their inter-
correlated variables using the ‘matrixStats’ package. In addition, the entire plant community 
was evaluated using a principal component analysis (PCA) to further evaluate inter-
dependence of the plant community. Non-independent variables were used in a principal 
component analysis (PCA) to determine the loadings for further analysis with the fungal 
community using a nonlinear regression for fungal diversity measurements. Independent 
variables were than used in following analyses on the fungal community structure.   
All microbial statistical analyses were performed in R Studio version 1.0.136 (R Core 
Team, 2016). All main effects were tested for interaction effects with soil aggregates, to 
assure sampling did not create bias; no interactions were found. Additionally nested soil 
aggregates interactions, with 3 levels of soil aggregates, whole soil, large macro, and small 
micro aggregates, were also tested to assure no interactions were found. Fisher’s alpha 
diversity index and total OTUs were used to determine richness from the relative species 
abundance of the fungal community. Nitrogen fertilization on fungal richness, evenness, and 
Shannon’s diversity index were analyzed using mixed model ANOVA with nitrogen 
fertilization as main effect (α = 0.05), block was used as random factor.  
The impact of 8 plant functional groups, determined to independent from all other 
functional groups, (Table 3.1) on fungal diversity was evaluated by relating the mean percent 
coverage of each plant group to fungal community structure using all soil aggregate data. 
This increases our ability to accurately capture the microbial diversity harbored in the 
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heterogeneous soil environment (Bach et al., 2017, unpublished). A mixed model ANOVA 
(α = 0.05) was used to determine the plant functional group level effects on fungal richness, 
evenness, and Shannon’s diversity index. A Bray-Curtis PCOA distance matrix was 
performed on the fungal community to determine the amount of variance explained by 
significant plant functional groups, followed by a PERMANOVA, ‘ADONIS’ function from 
the ‘Vegan’ package, on the Bray-Curtis distance using species abundance to determine 
significance on the overall fungal community structure. Interaction effects between nitrogen 
fertilization treatments with plant functional groups were also analyzed for both fungal 
diversity measurements and fungal community structure. Non-independent plant function 
groups, 2 groups, were used in a principal component analysis (PCA) to determine the 
loadings for further analysis with the fungal community using a nonlinear regression for 
fungal diversity measurements. 
The influence of 64 individual plant species (Table 3.1) on fungal richness, evenness, 
and Shannon’s diversity index was analyzed using mean percent coverage of each species as 
a main effect using multiple regressions. Plant species that significantly impacted fungal 
beta-diversity measurements were also tested for potential interactions with nitrogen 
fertilization. For those plant species significantly affecting fungal richness, the relationship 
between mean percent plant coverage and fungal richness was examined using linear 
regression. Factors that were significant on fungal community structure (individual plant 
species) were analyzed for species indicator analysis to determine which groups of the fungal 
community were unique under each circumstance (De Caceres and Jansen, 2012). 
Targeted cores, soil cores dominated by specific plant species, were analyzed for 
fungal community structure changes based on plant functional group representative. Fungal 
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diversity measurements, richness, evenness, and Shannon’s diversity index, were analyzed 
using a one-way ANOVA (α = 0.05) to determine differences in community composition 
between specific treatments of interest with functional group representative as the main 
effect. A Tukey’s HSD was performed on the model to determine the specific differences 
between targeted functional groups. Targeted core samples were also analyzed for main 
effect of functional group representative on the potential extracellular enzyme activity; 
enzyme measurements were log2 transformed as needed to meet normality requirements.  
 
Results 
 Plant community composition varied significantly between unfertilized and fertilized 
prairie (P<0.0001). In the unfertilized prairie 14 plant species/groups were detected and not 
found in the fertilized prairie (Table 3.3). The fertilized prairie had 10 plant species detected 
to only that nitrogen treatment (Table 3.3). All diversity measurements, diversity (1/D), 
species richness, and species evenness were not significantly different between fertilized and 
unfertilized prairie. 
 Plant functional groups were all independent from each other with the exception of C4 
grasses and forbs (R2=-0.879) that were negatively correlated with each other (Table S3.1). A 
PCA also showed that only C4 grasses and forbs were highly inter-correlated. The first 
component had an eigenvalue of 1.87 and accounted for 39% of the variance. No other 
variables had a strong correlation, showing no other inter-correlated trends within the plant 
species data. 
 ITS1 sequencing provided 7,950 unique fungal OTUs across all samples. Ascomycota 
and Zygomycota, representing over 65% of the relative abundance of phyla, dominated both 
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prairies. Mucoromycotina was the most dominant fungal class for both prairies (Fig. 3.1). 
Several less abundant fungal classes were unique to each prairie system, such as 
Kickxellomycotina in the fertilized prairie and Cystobasidiomycetes, Taphrinomycetes, and 
Wallemiomycetes in the prairie. 
At the community plant functional group level, the fungal community did not differ in 
diversity  (richness, evenness, and Shannon’s diversity index) between the nitrogen fertilized 
and unfertilized prairie. However, within each ecosystem, comparison of fungal communities 
associated with specific plant functional groups revealed the importance of legumes on 
fungal richness (P=0.045) and Shannon’s diversity index (P=0.028). Fungal richness 
decreased with increased legume cover, R2=0.805 (Fig. 3.2). Species indicator analysis 
revealed an absence of 22 families of fungi when legumes were present and 9 fungal families 
that were unique to the presence of legumes (Table 3.4). A Bray-Curtis distance matrix 
showed the dominant effect of legume cover on fungal diversity with approximately 33% of 
the overall fungal OTU abundance variability explained by the percent coverage of legumes 
(Fig. 3.3). 
The legume functional group had 7 different species, with Dalea purpurea being the 
most abundant species. Dalea purpurea had a distinct fungal community structure, richness 
and Shannon’s diversity index (F=5.3; P=0.03, F=7.2; P=0.1) compared to all other plant 
species tested. The forbs Rudbeckia hirta (Black-eyed Susan) and Silphium laciniatum 
(Compass Plant) had a moderately significant effect on fungal community richness (F=3.9; 
P=0.06 and F=3.3; P=0.08). Rudbeckia hirta lowered fungal richness across both prairie 
fertilization treatments with increasing coverage. Silphium laciniatum significantly interacted 
with fertilization treatment to influence fungal richness (F=6.5; P=0.03), where increasing S. 
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laciniatum coverage coincided with increased fungal richness in the fertilized prairie, and 
decreased fungal richness in the unfertilized prairie. 
Targeted cores showed a significant effect of plant functional group species 
representative on fungal richness (F=4.1; P= 0.02, Fig. 3.4). The leguminous plant 
representative, D. purpurea, had the lowest fungal richness and C4 grass representative, A. 
gerardii, had the highest richness measurements. Fungal evenness and Shannon’s diversity 
index was not affected by targeted plant functional group.  
Potential extracellular enzyme activity measurements also varied by plant functional 
group (Table 3.5). Where enzymatic activity was generally highest under legumes. Carbon 
cycling enzymes BG and BX rates were more than twice-in leguminous-targeted samples 
than C4 grasses (F=4.4; P=0.04 and F=3.6; P=0.067). Nitrogen cycling enzyme NAG rates 
were also twice as high in leguminous samples than C4 grasses (F=2.8; P=0.076). All other 
extracellular enzyme activities were not significantly affected by targeted plant functional 
group. However, the general trend for phosphorous cycling enzyme, AP was twice the rate 
under legume-targeted plants than either C4 or C3 grasses targeted samples. 
 
Discussion 
 Our study demonstrates that both plant functional group and plant species 
significantly influence local interactions of the fungal community in reconstructed prairies. 
Other landscape scale studies in rainforests have found plant and fungal community structure 
are strongly correlated (Peay et al., 2013). In our study we found that nitrogen treatment has 
a strong influence on plant community structure at the community scale, however 
belowground shifts in fungal community composition were not evident at the plant 
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community level and ecosystem scale. Rather, fungal responses were apparent at the local 
scale of plant functional group or plant species, emphasizing the importance of considering 
spatial scales when examining plant-microbe interactions. Although microbial activity has 
ecosystem to global scale ramifications (Hinsinger et al., 2009; Philippot et al., 2009), their 
interactions are occurring at the micron scale. Interestingly the community dynamics driven 
by D. purpurea are reflected at both the individual plant and leguminous functional group 
scale, generating a decrease in fungal community diversity.   
Nitrogen fertilization caused significant shifts in the plant community composition, 
aboveground production, and belowground biomass between the two prairies. Nitrogen 
fertilization promoted greater aboveground plant biomass production, but lower root biomass 
than the unfertilized prairie (Jarchow and Liebman, 2013; Dietzel et al., 2015). The fungal 
communities, both symbiotic and saprophytic, were expected to follow the same divergence 
demonstrated in the plant community due to nitrogen application. However, contrary to our 
first hypothesis, the unfertilized prairies and fertilized prairies were not significantly different 
in fungal community structure and composition, when measured via sampling at the plant 
community level. We do not see a difference between the two prairie fungal communities 
due to the high diversity in the belowground community. However, previous studies have 
demonstrated that this plot scale is inappropriate for addressing the indirect impact of 
nitrogen fertilization on the fungal community due to plant community changes, both 
compositionally and functionally (Lilleskov et al., 2002; Ramirez et al., 2012; Leff et al., 
2015). Our study reveals that local interactions had a strong impact on fungal community 
structure and function. 
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The presence of legumes significantly decreased fungal diversity and richness. 
Interestingly, while we do not see a direct effect of nitrogen fertilization on the fungal 
community, we do see a direct effect of leguminous plants that utilize nitrogen fixers. 
Potentially the dynamics of the plant and fungal community in prairies are more complex 
than originally thought, with a decrease of legumes under applied nitrogen application, but 
also a decrease of fungal community diversity under leguminous plants that select for 
nitrogen fixers (Fujita et al., 1992; Crews and Peoples, 2004). Iowan prairie legumes have 
been demonstrated to influence fungal community structure in microcosm experiments by 
creating direct competition with rhizobia for niche space (Laramer et al., 2014). We 
confirmed that legumes have a strong influence on fungal community structure within a field 
environment in a prairie ecosystem beyond a controlled experiment. The fungal families that 
were indicative to legumes included the arbuscular mycorrhiza (AMF) Acaulosporaceae and 
ectomycorrhiza (EMF) Bankeraceae (Agerer, 1995; Grandmougin-Ferjani et al., 1999; Hart 
et al., 2002; Cannon and Kirk, 2007). Indicating the presence of beneficial fungi despite the 
lowered diversity.  
Leguminous plants had the strongest impact on fungal community structure, with the 
most abundant legume D. purpurea driving this response. Dalea purpurea had the strongest 
impact on fungal richness, with decreasing fungal richness as percent cover of D. purpurea 
increased. Dalea purpurea’s impact on fungal community paralleled that of the legume 
functional group, which contained 7 species, suggesting that it is the individual driver of the 
whole group’s impact. In addition, targeted plant species-specific samples dominated by the 
selected plant species showed a divergence between D. purpurea, a legume, and A. gerardii, 
a C4 grass, in terms of fungal community diversity. Fungal richness was significantly lower 
 77
in the targeted D. purpurea samples than in the A, gerardii associated fungal community. 
Additional differences between the two selected targeted species could also be contributing 
to the differences in associated fungal communities, such as differences in photosynthesis 
mode and phylogeny, or that D. purpurea is a leguminous forb. In terms of targeted species-
specific samples, our findings should be further explored to confirm similar findings between 
the local interactions of fungi and D. purpurea in other leguminous or forb species to 
determine if this is a species-specific interaction between fungi and D. purpurea or does it 
more broadly demonstrate the interaction between fungi and legumes. 
These shifts in diversity coincide with changes to the microbial enzyme activity that may 
have larger scale implications. Local interactions of targeted species-specific samples 
between D. purpurea and A. gerardii demonstrate differences in both fungal diversity, with 
decreased diversity under D. purpurea, and extracellular enzyme activity. Although fungal 
diversity decreased under legumes, microbial activity was stimulated with double the enzyme 
pool compared to other plants or functional groups. Despite having lower fungal richness, the 
D. purpurea associated microbial community had higher potential extracellular enzyme 
activity of BG, BX, and NAG than the A. gerardii associated community. Bacterial 
communities also contribute to the pool of extracellular enzyme activity in soil, which were 
not evaluated in our study taxonomically. Legumes are valued for their nitrogen fixing 
ability, and our results show the benefits may extend far beyond nitrogen fixation. Enhanced 
depolymerization of organic forms of carbon, nitrogen, and phosphate coincided with the 
presence of legumes, suggesting enhanced biological activity and nutrient cycling induced by 
the presence of legumes. A general trend of increased AP activity under legumes is 
consistent with previous studies that showed nitrogen fixation is limited by phosphorous 
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acquisition (Robson et al., 1981, Vance, 2001, and Mills et al., 2004). While some enzymes, 
such as AP and NAG, can be produced by roots (Tarafdar and Claassen, 1988; Miller et al., 
2001), phosphate liberation is also commonly attributed to fungal symbionts  (Miller et al., 
2001; Ratti et al., 2001). How soil microbial diversity and enzymatic activity relate to each 
other is highly context dependent in soil ecology (Griffiths et al., 2000; Griffiths et al., 2001; 
Van Der Heijden et al., 2008; Nannipieri et al., 2017). We observed a consistent response of 
changes in fungal taxonomy coinciding with changes in extracellular enzyme activity. The 
response of the targeted fungal community of both D. purpurea, highest enzymatic activity, 
and A. gerardii, lowest enzymatic activity, demonstrated directly how the local interactions 
of plant-fungal communities did influence community level responses. It is possible that 
decreased fungal diversity is a result of selective filtering by the legume, resulting in less 
microbial competition and enhanced resource cycling stimulated by the plant-fungal 
interactions.  
Two forb species, Rudbeckia hirta and S. laciniatum, also had a main effect on the fungal 
community richness. Silphium laciniatum has an unusually deep taproot; this unique 
physiology may be contributing to its disproportionate impact on the fungal community 
structure (Weaver, 1958; Williams et al., 2015). Rudbeckia hirta has a consistent negative 
impact on fungal community richness independent of nitrogen fertilization. Notably, in the 
COBS field site, R. hirta was only ever found to be a small seedling size plant, making its 
overall abundance in the prairie very low, in part due it being a biannual plant. A prior 
microcosm experiment demonstrated a decrease of R. hirta growth with increased inoculation 
of AMF suggesting an antagonistic relationship between the two groups (Klironomos, 2003). 
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The abundance of plant species and plant functional groups were not the strongest 
predictors fungal community structure. This contradicts our second hypothesis that the most 
abundant plant species would have the strongest impact on fungal community structure. The 
most abundant plant species, A. gerardii, and functional groups, C4 grasses did not have a 
statistically significant impact on the fungal community structure. C4 grasses are the 
dominant plant functional group in most tall grass prairies (Hartnett et al., 1999; Jackson et 
al., 2010) and are obligate symbiotes with mycorrhiza in nutrient poor soil. The soil at the 
COBS study site was not nutrient limited, exceeding the high nutrient system values provided 
in the Schultz et al. (2001) study, with an average phosphorus of 28.9 mg kg-1, total nitrogen 
ranging from 2.1 to 2.4 g kg-1, and total carbon ranging from 23.9 to 28.6 g kg-1, in either 
prairie cropping systems for microbial communities (M. Liebman and M. Thompson, pers. 
obs). However, we do see differences in the plant community with nitrogen fertilization, with 
higher aboveground biomass occurring in the fertilized prairie, and larger amounts of root 
biomass occurring in the unfertilized prairie (Jarchow and Liebman, 2012). Due to the 
nitrogen rich conditions in the COBS soil, C4 grasses were less dependent, therefore less 
selective, on mycorrhiza as demonstrated by previous studies (Schultz et al., 2001). Within 
microbial communities, rarer species have been concluded to potentially be more 
functionally vital for ecosystem functions and decomposition process than more 
cosmopolitan species, showing abundance does not equate to ecosystem functioning (Sogin 
et al., 2006; Galand et al., 2009;Pester et al., 2010). At the COBS field site, we also see a 
similar pattern of rarer plant species having the greatest influence over the fungal community 
structure, composition, and function.  
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Use of the soil aggregate sampling technique increased our coverage of the fungal 
community diversity, but no interactions with the aboveground community and soil 
aggregate fraction were found (Bach et al., 2017). Use of this technique allowed us to 
increase our inclusion of the total fungal community diversity, composition, and 
heterogeneity within soil while not skewing our results for our experimental questions 
relating to the aboveground-fungal interactions (Cahill et al., 2017). To assure complete 
fungal community investigation we strongly recommend utilization of the soil aggregate 
sampling technique (Bach et al., 2017; Gundale et al., 2017). 
Local interactions of fungi from field studies are highly important as demonstrated by 
this experiment. We found differences in the fungal community structure at the plant 
functional group and plant species level. The plant functional group was found only for 
legumes, and was predominately pushed by one species of legume D. purpurea. Individual 
plant species were found to have significant impact on the fungal community structure and 
function despite potential environmental complexities that could overshadow the individual 
plant species impact, demonstrating the importance of local interactions. Inclusion of local 
interactions demonstrated areas of potential biogeochemical hot spots. In addition, these local 
interactions have ecosystem level influences on the fungal community. Fungal community 
structure is on a drastically different scale than plant community structure, generating 
microenvironments or areas of biogeochemical hot spots that may not be seen across an 
entire ecosystem. This difference between the two communities creates greater complexity 
while investigating the dominant factors into fungal communities and their environments. 
Using multiple levels to address fungal community questions is necessary within fieldwork, 
as well as integration of plant and fungal appropriate scaling. Consideration of these local 
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effects as demonstrated with our scaling approach needs to be further integrated into 
microbial nutrient cycling models at the ecosystem scale. Local interactions between the 
fungal community and legumes, notably, D. purpurea, are influencing the larger ecosystem 
services, as demonstrated through the more than double carbon, nitrogen, and phosphate 
cycling enzyme activity. Local interactions between plants and microbes are key to 
understanding, managing, and modeling biogeochemical processes across trophic levels. 
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Tables 
Table 3.1: Plant functional group and plant species in study (non-prairie indicates a species 
not part of the original seed mixture in 2008). 
Plant Functional Group Scientific Name Common name 
C3 grass Elymus canadensis Canada wildrye 
C4 grass Andropogon gerardii Big bluestem 
Panicum virgatum Switchgrass 
Schizachyrium scoparium Little bluestem 
Sorghastrum nutans Indiangrass 
Forb Asclepias tuberosa Butterfly milkweed 
Echinacea pallida Pale purple cone flower 
Eryngium yuccifolium Rattlesnake master 
Helianthis laetiflorus Showy sunflower 
Helianthis maximilliani Maximillian's sunflower 
Heliopsis helianthoides False (oxeye) sunflower 
Liatris pycnostachya Prairie Blazing Star 
Monarda fistulosa Bergamot 
Pycnanthemum 
virginianum Mountain Mint 
Ratibida pinnata Grey-headed coneflower 
Rudbeckia hirta Black-eyed Susan 
Silphium integrifolium Rosinweed 
Silphium lactinatum Compass plant 
Solidago rigida Stiff goldenrod 
Tradescantia ohiensis Ohio spiderwort 
Vernonia fasciculate Common ironweed 
Veronicastrum virginicum Culver's root 
Unknown Unknown forb seedling 
Legume Amorpha canescens Leadplant 
Astragalus canadensis Canada milk vetch 
Baptisia alba White wild indigo 
Dalea purpurea Purple prairie clover 
Desmanthus illinoensis Illinois bundleflower 
Desmodium canadense Showy ticktrefoil 
Lespedeza capitata 
Round-headed 
bushclover 
Non-prairie C3 grass Agropyron (Elymus) repens Quackgrass 
Bromus inermis Smooth brome 
Festuca spp. Fescue 
Phleum pretense Timothy grass 
Poa pratensis Kentucky bluegrass 
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 Setaria faberi Giant foxtail 
Non-prairie C4 grass Agrostis stolonifera Redtop 
Echinochloa crus-galli Barnyardgrass 
Muhlenbergia frondosa Wirestem muhly 
Non-prairie forb Amaranthus retroflexus Red-root pigweed 
Ambrosia artemisiifolia Common ragweed 
Asclepias syriaca Common milkweed 
Aster praealtus  Willow Aster 
Chenopodium album Common lambsquarters 
Cirsium arvense Canada thistle 
Conyza canadensis Mare's tail 
Erigeron strigosus Daisy fleabane 
Lactuca serriola Prickly lettuce 
Lepidium virginicum Virginia pepperweed 
Medicago Lupulina Black medic 
Oxalis stricta Yellow wood sorrel 
Physalis subglabrata Smooth groundcherry 
Solanum ptycanthum Eastern black nightshade 
Solidago canadensis Canada goldenrod 
Sonchus asper Prickly sow thistle 
Taraxacum officinale Dandelion 
Non-prairie legume Medicago sativa Alfalfa 
Melilotus officinalis Yellow sweetclover 
Trifolium hybridum Alsike clover  
Non-prairie woody Populus deltoids Cottonwood 
Unknown Unknown tree seedling 
Unknown Unknown Unidentified 
 
 
 
 
 
 
Table 3.1 (continued) 
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Table 3.2: Extracellular enzyme activity assay enzymes and substrates. 
Enzyme Substrate 
β-Xylosidase (BX) 4-Methylumbelliferyl β-D-xylopyranoside  
β-Glucosidase (BG) 4-Methylumbelliferyl β-D-glucopyranoside  
Cellobiohydrolase (CB) 4-MUB-β-D-cellobioside 
Acid Phosphatase (AP) 4-Methylumbelliferyl Phosphate 
N-Acetyl-Glucosaminidase 
(NAG) 4-Methylumbelliferyl N-acetyl-β-D-glucosaminide 
Leucine aminopeptidase (LEU) L-leucine-7-amido-4-methylcoumarin 
Alanine aminopetidase (ALAL) L-alanine-7-amido-4-methylcoumarin 
 
 
Table 3.3: Plant species only detected in one of the prairie treatments, nitrogen fertilized and 
unfertilized. 
 
Species Functional Group Species Found in: 
Echinacea pallida Forb Unfertilized Prairie 
Pycnanthemum virginianum Forb Unfertilized Prairie 
Dalea purpurea Legume Unfertilized Prairie 
Populus deltoids Tree Unfertilized Prairie 
Eryngium yuccifolium Forb Unfertilized Prairie 
Amorpha canescens Legume Unfertilized Prairie 
Melilotus officinalis Non-prairie Legume Unfertilized Prairie 
Astragalus canadensis Legume Unfertilized Prairie 
Trifolium hybridum Non-prairie Legume Unfertilized Prairie 
Baptista alba Legume Unfertilized Prairie 
Lespedeza capitata Legume Unfertilized Prairie 
Desmanthus illinoensis Legume Unfertilized Prairie 
Desmodium canadense Legume Unfertilized Prairie 
Unidentified forb seedlings Forb Unfertilized Prairie 
Aster praealtus Forb Fertilized Prairie 
Ascelpias syriaca Forb Fertilized Prairie 
Solidago canadensis Forb Fertilized Prairie 
Silphium integrifolium Forb Fertilized Prairie 
Cirsium arvense Non-prairie Forb Fertilized Prairie 
Sonchus asper Non-prairie Forb Fertilized Prairie 
Solanum ptycanthum Non-prairie Forb Fertilized Prairie 
Bromus inermis Non-prairie C3 grass Fertilized Prairie 
Phleum pretense Non-prairie C3 grass Fertilized Prairie 
Setaria faberi Non-prairie C3 grass Fertilized Prairie 
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Table 3.4: Indicator fungal families by in the presence/absence of legumes (α=0.05).  
Legumes Fungal Family P-Value 
Absent Chaetothyriaceae 0.005 
Rutstroemiaceae 0.005 
Rhizophydiaceae 0.01 
Stereocaulaceae 0.005 
Diatrypaceae 0.005 
Hebelomataceae 0.005 
Trichocomaceae 0.005 
Ascomycota Incertae sedis 0.01 
Entolomataceae 0.03 
Pyronemataceae 0.03 
Hypocreales Incertae sedis 0.005 
Arthrodermataceae 0.025 
Agaricostilbaceae 0.005 
Venturiaceae 0.045 
Plectosphaerellaceae 0.005 
Spizellomycetaceae 0.035 
Leptosphaeriaceae 0.005 
Nectriaceae 0.005 
Helotiales Incertae sedis 0.015 
Apiosporaceae 0.035 
Cordycipitaceae 0.03 
Sporidiobolaceae 0.05 
Present Acaulosporaceae 0.02 
Bankeraceae 0.02 
Phyllachoraceae 0.045 
Meruliaceae 0.04 
Pluteaceae 0.005 
Halosphaeriaceae 0.005 
Dothideomycetes Incertae 
sedis 0.015 
Strophariaceae 0.01 
Taphrinaceae 0.045 
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Table 3.5: Mean potential extracellular enzyme activity (μmol h
-1 g
-1 dry soil) in targeted 
specific plant species (C3 grass, Elymus canadensis, C4 grass, Andropogon gerardii, and 
leguminous forb, Dalea purpurea) samples (+1SE). Samples denoted with (*) are statistically 
significantly different (α = 0.05). Enzymes measured included carbon cycling enzymes β-
glucosidase (BG), β-xylosidase (BX), and cellobiohydrolase (CB), nitrogen cycling enzyme 
N-acetyl-glucosaminidase (NAG), leucine aminopeptidase (LEU), and alanine 
aminopeptidase (ALA), and phosphate cycling acid phosphatase (AP). 
Enzyme 
μmol h
-1 g
-1 
dry soil 
C3 Grass 
Elymus 
canadensis 
C4 Grass 
Andropogon 
gerardii 
Leguminous Forb 
Dalea purpurea 
BG 67.94 ± 20.25 51.44 ± 17.62* 133.36 ± 7.21* 
BX 15.93 ± 5.04 10.96 ± 3.09* 26.81 ± 3.28* 
CB 10.88 ± 4.23 9.27 ± 4.84 8 ± 3.21 
AP 445.65 ± 252.87 322.46 ± 75.02 863.34 ± 199.46 
NAG 29.28 ± 14.29 15.29 ± 2.27* 45.96 ± 6.33* 
LEU 307.42 ± 62.3 462.51 ± 38.98 349.86 ± 74.72 
ALA 392.62 ± 74.17 604.29 ± 39.4 444.55 ± 93.57 
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Figures
 
Figure 3.1: Relative mean abundance (%) of fungal classes by cropping system 
(FP=Fertilized Prairie, and P=Prairie). 
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Figure 3.2: Mean % coverage of legumes and fungal richness (±1SE). 
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Figure 3.3: PCoA ordinations on Bray-Curtis Dissimilarity of fungal community sequence 
data by abundance of legumes. Legume abundance was determined significant (P < 0.05, 
PERMANOVA). 
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Figure 3.4: Mean fungal richness (+1SE) by targeted plant functional group, (C3 = C3 grass, 
Elymus canadensis, C4 = C4 grass, Andropogon gerardii, and LEG = leguminous forb, Dalea 
purpurea).  
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Supplemental 
Table S3.1: Results of correlation test to determine if plant functional groups were independent from one another, utilizing the 
‘cor’ function in the ‘matrixStats’ package, correlations that showed inter functional group dependence are bolded and denoted 
with (*), non-independece was determined when R2>0.7 or R2<-0.7. 
C3 grass C4 grass Forb Legume 
Non-prairie 
C3 grass 
Non-prairie 
C4 grass 
Non-prairie 
Forb 
Non-prairie 
Legume 
Non-prairie 
Woody Unknown 
C3 grass 1.00 
C4 grass 0.53 1.00 
Forb -0.62 -0.88* 1.00 
Legume 0.31 0.54 -0.76 1.00 
 
Non-prairie 
C3 grass -0.06 -0.52 0.18 -0.29 1.00 
Non-prairie 
C4 grass N/A N/A N/A N/A N/A N/A 
Non-prairie 
Forb 0.09 -0.07 -0.07 0.14 0.13 N/A 1.00 
Non-prairie 
Legume 0.15 0.18 -0.47 0.67 0.08 N/A 0.03 1.00 
Non-prairie 
Woody -0.12 0.31 -0.49 0.25 0.42 N/A -0.05 0.47 1.00 
Ukn1 0.09 -0.42 0.33 -0.34 0.28 N/A -0.08 -0.10 -0.16 1.00 
9
9
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CHAPTER 4 
SPATIO-TEMPORAL MICROBIAL COMMUNITY DYNAMICS WITHIN SOIL 
AGGREGATES  
A paper formatted for Soil Biology and Biogeochemistry 
Racheal N. Upton, Elizabeth M. Bach, and Kirsten S. Hofmockel 
 
Abstract 
Soil microbial communities are highly spatially organized, shaped in part by the 
structure of soil itself. Understanding how these discrete microbial communities change 
across years and seasons in response to environmental factors, plant phenology and aggregate 
turnover, is key to understanding how ecosystem-scale management impacts spatially 
discrete communities in soil, aggregate fractions. We investigated both seasonal (within year) 
and annual (across 4 years) change of discrete microbial communities in soil aggregate 
fractions, large macroaggregates (LM) and small microaggregates (MICRO). We 
hypothesized that 1) seasonal changes due to plant phenology and aggregate turnover will be 
most pronounced within the MICRO aggregate soil microbial community. 2) We also 
hypothesized that inter-annual variability will lead to changes in microbial diversity across 
aggregate sizes and the magnitude of change will be mediated by the ecosystem management 
regime. 
We found that LM aggregates and MICRO aggregates are unique, spatially separated 
microbial communities in soil. MICRO aggregate microbial communities are more diverse 
and change more dynamically across sampling season, peaking in diversity at peak plant 
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growth and maximum biomass. The numbers of families indicative of specific MICRO 
aggregate habitats increase over the growing season for both bacterial (from 3 to 51) and 
fungal (from 8 to 14). The LM aggregates harbored less diverse, yet more stable, 
communities within a growing season. By contrast between years, the LM aggregates were 
the most responsive to inter-annual variability. Our study demonstrates the importance of 
including the spatio-temporal dynamics of soil microbes. Targeted analysis of the MICRO 
aggregates is necessary to understand the full potential diversity and functioning of the soil 
microbial communities. Additionally, we identified “hot spots” of microbial diversity within 
soil, with a greater diversity of microbes found under prairies, within the MICRO aggregates, 
and seasonality during peak plant biomass. Greater understanding of how to manage for 
increased microbial diversity; through both aboveground management and soil heterogeneity 
will assist future predicative work for sustainability efforts, maintenance of ecosystem 
functioning, and resiliency to climatic events. 
 
Introduction 
Greater biodiversity across all trophic levels is beneficial to terrestrial ecosystems by 
creating more resilience to abiotic stressors, increasing ecosystem services, and promoting 
sustainability (Benayas et al., 2009; Duffy et al., 2017; Loreau et al., 2001; Naeem, 1997; 
Soliveres et al., 2016). Microbial diversity is part of multi-trophic diversity and vital in soil 
environments, as microorganisms are key in maintaining ecosystem services, nutrient 
cycling, influencing plant productivity, increasing drought tolerance, and determining soil 
health and fertility (Allison et al., 2010; Falkowski et al., 2008; Schimel, 2016). Sources of 
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microbial biodiversity are not clearly defined, and need to be addressed in order to promote 
diversity within soil microbial communities and the ecosystem services they provide.  
Ecosystems with greater plant diversity are expected to promote greater biodiversity 
within the associated belowground microbial community, due to the enhanced variety of 
substrates and niches. However, plant species diversity has been demonstrated to be an 
inconsistent predictor of microbial diversity primarily dependent on the ecosystem type and 
interactions with the soil environment (Baveye et al., 2016; Kerfahi et al., 2016; Leffe et al., 
2015). Plant community diversity can increase fungal and bacterial diversity if converting 
from traditional monoculture agricultural practices to a more diversified ecosystem (Calderon 
et al., 2016; Mbuthia et al., 2015; Zhang et al., 2014).  Fungal community diversity more 
consistently responds to increased plant diversity than bacterial communities (Cassman et al., 
2016; Oates et al., 2016). Both plant and microbial diversity should be investigated and 
managed to promote long-term sustainability and ecosystem services (Soliveres et al., 2016; 
Uroz et al., 2016). Changes in microbial community will either promote a diverse 
aboveground community, or lead to a decrease in overall biodiversity across the entire 
ecosystem (Bardgett et al., 2010; Berendsen et al., 2012; Van Der Heijden et al., 2008).  
Microbial biodiversity as examined through biogeography is often approached at an 
ecosystem or landscape scale to identify taxonomic and diversity differences (Lozupone and 
Knight, 2007; Nelson et al., 2016; Tedersoo et al., 2014; Wen et al., 2017). However, this 
approach to microbial diversity neglects the importance of scaling to a microbially relevant 
level (Levin, 1992; Nemergut et al., 2013). To investigate the diversity of microorganisms in 
a complex, heterogeneous environment, such as soil, using a microbially appropriate scale is 
necessary to capture all of the biodiversity and intricate local interactions (Cordero and Datta, 
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2016). Understanding how microorganisms are spatially structured is vital for understanding 
soil microbial ecology and its impact on ecosystems services and biogeochemical processes. 
 Soil microorganisms are highly spatially structured communities that are largely 
shaped due to the structure of soil itself (Ettema and Wardle, 2002). Within the heterogeneity 
of soil, aggregates can be used to identify unique spatial structures that act as microhabitats 
for microorganisms (Bailey et al., 2012; Bailey et al., 2013; Van Gestel et al., 1996). Soil 
aggregate fractions, spatially distinct soil particles defined by diameter, vary in their carbon 
to nitrogen ratios, which select for differing microorganisms that are able to colonize those 
environments (Cambarella and Elliot, 1993; Mikha et al., 2004; Six et al., 2000; Six et al., 
2002). Soil aggregate fractions represent a microbially relevant scale in which ecosystem 
level functions and potentially biodiversity can be investigated (Bach et al., 2010; Bach and 
Hofmockel, 2015). The larger macroaggregates (>2 mm), LM, harbor a greater abundance of 
labile carbon compared to small microaggregates (< 250µm), MICRO, which supports a 
faster-growing, less diverse, and more cosmopolitan group of microorganisms (Bach et al., 
2017; Bailey et al., 2013; Davinic et al., 2012).  
The soil microbial habitat is dynamic due to soil aggregate turnover, in which LM 
aggregates disintegrate into smaller aggregate fractions such as MICRO aggregates (Six et 
al., 2000). Aggregate turnover events can occur due to a variety of environmental factors 
including disruption by rain, freezing, or physical force by soil organisms, including roots, 
insects, and fungi (Angers and Caron, 1998; Jastrow et al., 1996; Tisdall, 1994). Soil 
aggregate turnover is key to understanding carbon and nutrient cycling within terrestrial 
ecosystems (Plante and McGill, 2002; Six et al., 2002). Aggregate turnover is hypothesized 
to be a main driver of soil organic matter retention, with the MICRO aggregates forming 
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more recalcitrant carbon soil fractions when degraded from LM aggregates (Six et al., 2000). 
Soil aggregate turnover and formation across years and seasons needs to be investigated as a 
potential driver of soil microbial communities structure and diversity (Bach and Hofmockel, 
2015). How microbial communities are formed during aggregate turnover across years and 
seasons is still poorly understood and could potentially be key to accurately modeling 
microbial community dynamics in soil. The microbial community within an aggregate 
fraction may change over a growing season in response to plant phenology. Therefore, 
aggregate microbial communities represent potential zones of microbial diversity that 
fluctuate with changing environmental inputs. 
The purpose of this experiment is to evaluate the impact of aggregate size and 
sampling time on the microbial community succession across bioenergy cropping systems. 
Understanding how these discrete microbial communities change across years and seasons in 
response to environmental factors, plant phenology and aggregate turnover, is pertinent to 
understanding how ecosystem-scale management impacts spatially discrete communities in 
soil. We hypothesize that 1) seasonal changes due to plant phenology and aggregate turnover 
will be most pronounced within the MICRO aggregate soil microbial community. LM 
aggregates have more labile carbon priming and a more cosmopolitan microbial community 
than MICRO aggregates, resulting in more stable and predictable microbial communities. 
The highly diverse, but potentially dynamic communities of the MICRO aggregates are vital 
to modeling nutrient cycling by microbes, which currently do not adequately consider the 
spatio-temporal context of the microbial community. 2) We also hypothesize that inter-
annual variability will lead to changes in microbial diversity across aggregate sizes and the 
magnitude of change will be mediated by the ecosystem management regime. The more 
 105
diverse plant communities, prairies, should support greater microbial diversity across 
sampling years, despite potential disturbances, and improve upon multi-trophic management 
regimes to increase biodiversity.  
 
Methods 
Field Site Description and Soil Sampling Process 
 Samples were collected at the Comparison of Biofuel Systems (COBS) field study 
site in Boone County, IA (41°55'14.42"N, 93°44'58.96"W). The COBS research site 
description can be found in Jarchow and Liebman (2013). Briefly, the field site was 
converted from soy-corn rotation in 2008 to include six different cropping systems, the three 
used in this experiment included the continuous corn (high nitrogen application), fertilized 
prairie (moderate nitrogen application), and unfertilized prairie (no nitrogen application). The 
fertilized and unfertilized prairies were seeded in 2008 with a mixture of 31 different Iowan 
plant species including C3 and C4 grasses, forbs, and legumes. The continuous corn receives 
a twice-annual application of ammonium nitrate, amount dependent on beginning of growing 
season soil tests. The fertilized prairie receives a once annual application of 75 lb/acre of 
ammonium nitrate. The entire field site is a no till system and the aboveground biomass is 
harvested at the end of growing season, early November, from all cropping systems.  
The soils at COBS range from Nicollet loam to Webster loam, and have sand content 
ranging from 27 to 53%, clay content ranges from 17 to 32% within the site (Soil Survey 
Staff, 2015). Soil samples were collected during late May to early June (early growing 
season) and August (peak growing season) 2011, 2012, and 2014. Soil cores were collected 
from the top 10 cm of soil using a coring device (Giddings Machine Company, Windsor, 
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CO).  Four cores were collected sterilely from each plot (4 plots per treatment) from the 
continuous corn, prairie, and fertilized prairie systems and stored at 4°C during transportation 
to the laboratory. Separation into aggregate fractions was initiated by placing soil cores 
through an ethanol sterilized 8 mm sieve and breaking soil along natural points of weakness; 
cores from each plot were composited into one large sterile plastic container for soil 
aggregation isolation.   
 
Soil Aggregate Isolation  
 Soil aggregates were isolated using the optimal moisture method (Bach and 
Hofmockel, 2014; Schutter and Dick, 2002).  Soil was dried to approximately 10% 
gravimetric water content at 4°C using silicon desiccant beads. To isolate aggregates, 
repeated batches of approximately 500 g of soil were placed on top of a stack of sterile 2 mm 
and 250 µm sieves mesh openings.  The set of sieves were placed onto a sieve shaker (CSI 
Scientific, Easton, PA) and shaken at approximately 200-250 rpms for 2 minutes.  Soil was 
removed from each sieve size and composited together by size for the sampled plot to 
determine the distribution of aggregate fractions (Table S4.1).  Aggregate sizes large macro 
(>2 mm), LM, and small micro (<250 µm), MICRO, were saved for further analysis at -
80°C.  Aggregate fractions of LM and MICRO were chosen for analysis due to previous 
studies performed by Bach and Hofmockel and Bach et al. demonstrating that they were the 
two fractions that were significantly different in both microbial community composition and 
extracellular enzyme activity (2015 and 2017). 
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DNA Extraction 
DNA was extracted using 0.25 g of sub-sample soil using the PowerSoil DNA 
Isolation Kit (Mo-Bio, Carlsbad, CA). Extracted DNA was quantified through nanodrop and 
PicoGreen fluorometry and subsamples were sent off for amplicon based sequencing (ITS 
and 16S) analysis at Argonne National Laboratory (Lemont, IL) on dry ice. Staff at ANL-
NGS core facility performed all downstream processes, including amplification, library 
preparation, and sequencing. Fungal internal transcribed spacers (ITS) region 1 was 
amplified using modified ITS1F (5’ CTTGGTCATTTAGAGGAAGTAA 3’) and ITS2 (5’ 
GCTGCGTTCTTCATCGATGC 3’) primer set (Smith and Peay, 2014).  Bacterial 16S gene, 
region V4, was amplified using 515f/806r standard primer set. Both bacterial and fungal 
amplicons for ITS1 (pair-ended: 250 bp X 250 bp) and 16S (pair-ended: 150bp x 150bp) 
were sequenced using Illumina MiSeq 500-cycle kit at the Next Generation Sequencing Core 
(Argonne National Laboratory, Argonne, IL) with the Illumina MiSeq sequencing system on 
separate runs.  
 
Sequencing Analysis  
Sequencing for both bacteria and fungi were analyzed using methods modified from 
Caporaso et al. (2010) using the open source pipeline hundo  
(https://github.com/pnnl/hundo). Raw ITS (fungal) and 16S (bacterial) sequence reads were 
de-multiplexed with using EA-Utils (Aronesty, 2013) with zero mismatches allowed in the 
barcode sequence. Reads were quality filtered with BBDuk2 (Bushnell, 2014) to remove 
adapter sequences and PhiX with matching kmer length of 31 bp at a hamming distance of 1. 
Reads shorter than 51 bp were discarded. Reads were merged using USEARCH (Edgar, 
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2010) with a minimum length threshold of 175 bp and maximum error rate of 1%. Sequences 
were de-replicated (minimum sequence abundance of 2) and clustered using the distance-
based, greedy clustering method of USEARCH (Edgar, 2013) at 97% pairwise sequence 
identity among operational taxonomic unit (OTU) member sequences. De novo prediction of 
chimeric sequences was performed using USEARCH during clustering. Fungal taxonomy 
was assigned to OTU sequences using BLAST (Camacho et al., 2008) alignments followed 
by least common ancestor assignments across UNITE version 7 database (Koljalg et al., 
2013). OTU seed sequences were filtered against UNITE version 7 database (Koljalg et al., 
2013) to identify chimeric OTUs using USEARCH. Following sequencing pipeline, all 
fungal samples were rarefied to 12,949 reads per sample. Bacterial taxonomy was assigned to 
OTU sequences using BLAST alignments followed by least common ancestor assignments 
across SILVA database version 123 clustered at 99% (Camacho et al., 2008 and Quast et al., 
2013). OTU seed sequences were filtered against SILVA database version 123 clustered at 
99% to identify chimeric OTUs using USEARCH (Quast et al., 2013). All bacterial samples 
were rarefied to 20,715 reads per sample. 
 
Statistical Analysis 
All statistical analyses were performed in R Studio version 1.0.136 (R Core Team, 
2016). Using ‘vegan’ package, fisher’s alpha diversity index was used to determine richness 
from the relative species abundance of the fungal and bacterial communities (Oksanen et al., 
2007; Oksanen et al., 2013). A modified split-plot ANOVA was performed to determine 
differences in microbial diversity measurements between aggregate fractions, ecosystem, and 
sampling time to account for the non-independence of aggregates and plots (Briar et al., 
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2002). Ecosystems (corn, prairie, and fertilized prairie) and sampling time, year and season, 
were main effects and aggregate fractions were a sub-plot factor, in addition, aggregate 
fraction, ecosystem, and their interaction were analyzed as fixed effects, with plot and plot by 
ecosystem interactions included as random effects. A Tukey’s Honest Significant Difference 
(Tukey’s HSD) post-hoc test was performed on the same split-plot ANOVA to determine 
specific difference between treatment groups (Miller, 1981; Yandell, 1997). All main effects 
have been tested for significant interactions. Additionally, nested sampling season by 
sampling year was tested to evaluate potential impacts on both bacterial and fungal 
community structure. A Bray-Curtis PCOA distance matrix was performed on both the 
fungal and bacterial communities to determine the amount of variance explained by the main 
effects (ecosystem management, soil aggregate fraction, sampling year, and sampling 
season), followed by an PERMANOVA, ‘ADONIS’ function, on the Bray-Curtis distance, 
and species occurrence to determine each main effects impact on the fungal and bacterial 
community structure separately (Kruskal, 1964).  
Factors that significantly influenced fungal and bacterial community structure were 
explored with species indicator analysis using the ‘indicspecies’ package to determine which 
groups of the fungal and bacterial communities were unique under each circumstance (De 
Caceres and Jansen, 2012; De Caceres, 2013). 
 
Results 
ITS1 and 16S V4 sequencing provided 7,950 unique fungal OTUs and 16,872 unique 
bacterial OTUs. Fungal communities in the MICRO aggregates were dominated by the 
Ascomycota phylum, followed by the Zygomycota, Basidiomycota, and Glomeromycota, 
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and the LM aggregates were dominated by either the Ascomycota or Zygomycota phylum, 
depending on the ecosystem treatment, followed by the Basidiomycota and Glomeromycota 
similarly to the MICRO aggregate communities (Table 4.1). Proteobacteria, Bacteroidetes, 
Acidobacteria, Actinobacteria, and Verrucomicrobia dominated bacterial phyla in both 
aggregate fractions (Table 4.2). 
Soil aggregate fraction, ecosystem management, and sampling time (year and season) 
influenced fungal community structure (PERMANOVA P<0.001) and accounted for 21.5% 
of the variance in the total fungal community (Fig. 4.1). Soil aggregate fraction, ecosystem 
management, and sampling year and season influenced bacterial community structure 
(PERMANOVA P<0.001) accounting for 26% of the total variance (Fig. 4.2).  
 Soil aggregate fraction had a significant impact on all diversity measurements for 
both fungal and bacterial communities (Table 4.3). Bacterial richness in soil aggregate 
fractions significantly interacted with sampling year (P<0.0001) and sampling season 
(P=8.4e-3), while fungal richness by aggregate fraction significantly interacted with sampling 
season (P=7.3e-3; Fig. 4.3 and 4.4). MICRO aggregates fungal communities supported over 
25% greater fungal richness than LM aggregates. 
Across all samples, ecosystem treatment had significant main effect on fungal 
richness and Shannon’s diversity index, but not on evenness (Table 4.3).  All ecosystem 
treatments significantly different from each other for fungal richness, with continuous corn 
having the least fungal diversity and the fertilized prairie supporting over 30% more diversity 
than the corn cropping system (Fig. 4.5). Within LM and MICRO soil aggregate fractions, 
ecosystem had a significant impact on fungal community richness (P<0.0001and P<0.0001), 
with diversified cropping systems, both prairies, supporting more diversity than the corn 
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cropping system. Ecosystem management moderately impacted bacterial richness, evenness, 
and Shannon’s diversity index (Table 4.3). Unfertilized prairie supported significantly greater 
bacterial richness and Shannon’s diversity than the continuous corn ecosystems (Fig 4.6). 
Evenness was significantly higher in the fertilized prairie than the continuous corn treatment 
(Fig. 4.6). Within the LM fraction, unfertilized prairie had grater bacterial diversity than corn 
(P=1.7e-3). 
Sampling year did not significantly influence fungal community diversity 
measurements (richness, evenness, and Shannon’s diversity index); in any individual soil 
fraction. By contrast, sampling year significantly influenced bacterial evenness with 
significantly lower evenness in 2012 compared to 2011 and 2014 (Table 4.3). Investigating 
individual soil aggregate fractions showed sampling year had a significant impact on 
bacterial richness in LM (P=0.04), which followed the overall trend of increasing diversity 
over time. 
Sampling season significantly affected fungal richness, but not evenness and 
Shannon’s diversity index, with higher richness in the peak growing season (Table 4.3). 
Sampling season interacted with aggregate fraction, where MICRO aggregates harbored 
increasing fungal richness from early to peak growing season.  In individual soil aggregate 
fractions, only MICRO was significantly impacted for fungal richness (P=0.005) by sampling 
season (Figure 4.3). Bacterial richness and Shannon’s diversity index were significantly 
higher in the peak growing season (Table 4.3). Bacterial diversity measures also showed that 
inclusion of the nested effect of sampling month by year improved the model significantly 
and were included in all time related tests. Sampling season had a significant impact on 
bacterial richness within MICRO aggregate fractions (P=1.4e-3), with higher bacterial 
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diversity in peak growing season, and LM aggregate fractions were not significantly 
impacted by sampling season (Figure 4.4). 
An indicator species analysis was performed on individual aggregate fractions to 
determine fungal and bacterial families distinct to early and peak growing season. For both 
bacteria and fungi the number of indicator species in LM and MICRO aggregates increased 
over the growing season. In the MICRO aggregates early growing season had 8 fungal and 3 
bacterial families that were indicative of that sampling time and peak-growing season had 14 
fungal and 51 bacterial families that were significant to the later growing season (Table S4.3 
and S4.5). The LM aggregate fraction had 6 fungal families that were indicative of each 
growing season (Table S4.2). The early season of the LM aggregates had 19 bacterial 
families and 25 in the peak growing season (Table S4.4). 
 
Discussion 
Our study demonstrates the dynamics of diversity and composition of spatially 
discrete soil microbial communities. By comparing across ecosystems on the same soil, our 
study demonstrates both bacterial and fungal diversity is greater in diversified plant 
communities compared to corn monocultures. Independent of plant diversity, we also show 
that the soil habitat influences microbial community structure, where MICRO aggregates 
harbor greater fungal and bacterial diversity than LM aggregates. Our results are consistent 
with previous studies that reveal LM aggregates have less diverse microbial communities 
than MICRO aggregates (Bach et al., 2017). Additionally, the MICRO aggregate fungal and 
bacterial community was much more dynamic across sampling times within a growing 
season, early and peak growth. To fully capture the immense diversity of soil microbes, 
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targeting MICRO aggregates is necessary for both fungal and bacterial communities. Overall, 
plant diversity can influence belowground dynamics, including soil aggregation, with 
important implications for the structuring of microbial communities in managed ecosystems.  
Ecosystem management treatments showed increased diversity of both the fungal and 
bacterial communities in the diversified prairie ecosystems over the monoculture corn 
system. The increased microbial diversity under a diversified plant community supports the 
idea of “diversity begets diversity” (Palmer and Maurer, 1997; Wolf et al., 2003). In the 
COBS field site, the reconstructed prairies promoted increased microbial diversity compared 
to the corn monoculture management, demonstrating how aboveground management impacts 
belowground microbial communities. 
Spatially, the diversity of the microbial communities varied between soil aggregate 
fractions. The less abundant MICRO aggregates constituted a larger relative proportion of the 
microbial community diversity compared to the LM aggregate microbial communities. 
MICRO aggregate communities were also more seasonally dynamic, confirming our 
hypothesis; the magnitude of change in diversity within the MICRO aggregates was greater 
than in the LM aggregates between early and peak growing season across all sampling years. 
The overall fungal and bacterial diversity of the MICRO aggregates increased in the peak-
growing season more dynamically than seen in the LM aggregate communities.  
Perhaps most interesting, the indicator species analysis demonstrated a large 
discrepancy between the early and peak growing season in distinctness of the MICRO 
aggregates, especially in the bacterial community (Table S4.5). While the bacterial LM 
aggregate community did see a jump in unique families from 19 to 25 between the early and 
peak growing season, this is dwarfed by the larger shift in the MICRO aggregate community 
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that shifted from 3 to 51 indicative bacterial families. LM aggregate bacterial family 
indicators in the early growing had a wide range of potential functions with the ecosystem 
including prairie unique members, general environmental cosmopolitan families, nitrogen 
fixing bacteria, and potential plant pathogens (Green et al., 2007; Mhedbi-Hajri et al., 2011; 
Shivaji et al., 2013; Yoon et al., 2008). Similarly the peak growing season indicator bacterial 
families were also very diverse functionally, ranging from nitrogen fixers, sulfur reducing 
bacteria, cosmopolitan environmental groups, and prolific antibiotic producers (Hanada, 
2014; Imhoff and Süling, 1996; Kämpfer, 2006; Xu et al., 2014). In the early growing 
season, the MICRO aggregate bacterial community was distinguished by only 3 bacterial 
families, two of which belonged to the Firmicutes phylum and one member of the 
Chlamydiae phylum (Bush and Everett, 2001; Stackebrant, 2014; Wegner and Liesack, 
2016). The peak growing season MICRO aggregate bacterial indicator families were highly 
diverse in their function, ranging from copiotrophic and oligiotrophic members, rhizosphere 
specific families, potential pathogens, and endosymbionts in the 51 distinct bacterial families 
found (Boden et al., 2017; Kämpfer et al., 2011; Naushad et al., 2015; Villadas et al., 2007; 
Yoon et al., 2007; Young et al., 1992).  
Within the LM aggregates, early growing season fungal families were distinctly from 
the Ascomycota phylum, highly cosmopolitan, saprophytic (Cannon and Kirk, 2007; Crous et 
al., 2007; Kendrick, 2017; Kirk et al., 2008). In the peak growing season the fungal families 
that were distinctly shifted to be members of the Basidiomycota and Glomeromycota phyla, 
being more symbiotic in function in addition to more cosmopolitan saprophytic families 
(Cannon and Kirk, 2007; Da Silva et al., 2006; Kurtzman and Robnett, 2006; Schüßler and 
Walker, 2010; Vellinga, 2004; Voets et al., 2006).  Across both growing seasons indicator 
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fungal families in the MICRO aggregates had a wide range of potential functions, including 
saprophytic, plant pathogenic, ectomycorrhizal, and potential lichen decomposers (Arup et 
al., 2013; Cannon and Kirk, 2007; Fell et al., 1999; Fernandex-Brime et al., 2011; Ghobab-
Nejhad and Ginns, 2012; Hallenberg, 1984; Letcher et al., 2006; Lumbsch and Huhndorf, 
2007; Renker et al., 2007; Saenz and Taylor, 1999; Shaffer, 1975; Tedersoo and Nara, 2010; 
Vellinga, 2004; Youssar et al., 2012; Zhou and Wei, 2012). These seasonal shifts 
demonstrate a spatially unique, fluctuating microbial community that potentially plays a role 
in the dynamics of soil nutrient flow and aspects of soil health.  
The temporal change between early and peak growing seasons in the MICRO 
aggregate is consistent across sampling years, despite drastically different abiotic conditions, 
including a significant drought in sampling year 2012. What particular environmental cue 
between the early and peak-growing season is causing this successional shift in the MICRO 
aggregate requires further investigation, but is hypothesized to be a combination of plant 
phenology and aggregate turnover events (Rillig et al., 2017). Soil aggregate turnover could 
potentially play an important role in the seasonality of microbial diversity that was 
demonstrated in this study. Soil aggregate turnover has previously been shown to be key 
event in the formation of soil organic matter and release of microbially available carbon into 
the soil (Buyanovsky et al., 1994; Dungait et al., 2012; Krull et al., 2003; Kuyzakov et al., 
2009). Another potential change across a growing season that could impact microbial 
diversity is plant phenology. Shifts in plant inputs have been shown to have a strong impact 
on the microbial community structure (Drake et al., 2013; Paterson, 2013; Pausch and 
Kuzyakov, 2017). These potential combinatory effects resulted in a pool of microbial 
diversity and potential function within the MICRO aggregates in both growing seasons, 
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peaking at maximum plant biomass occurrence. In light of these findings, the aggregate scale 
must be considered in parallel with traditional biogeographical approaches in order to 
understand the drivers of microbial diversity. It is necessary to consider a microbially 
relevant scale as well when addressing questions about microbial communities; otherwise 
false conclusions can occur (Ettema and Wardle, 2002; Franklin and Mills, 2003; Levin, 
1992; Philippot et al., 2009).  
We propose the following conceptual model to explain the main drivers of microbial 
diversity within soil: diversity begets diversity, diversified plant inputs and community 
increased microbial diversity, MICRO aggregate communities support higher microbial 
diversity than LM aggregates, and the dynamic communities within the MICRO aggregates 
increase in diversity during peak growing season (Fig. 4.7). Greater biodiversity overall in an 
ecosystem creates more resilience to disturbances and promotes sustainability and 
productivity in our contrasting management systems of a monoculture crop and diverse 
prairies (Benayas et al., 2009; Duffy et al., 2017; Loreau et al., 2001; Naeem, 1997). 
Microbial diversity is essential to maintenance of ecosystem function and soil health (Allison 
et al., 2010; Schimel, 2016). Identifying the areas of the soil community that promote 
biodiversity through greater microbial diversity will allow for a defined relationship of 
ecosystem management practices and their impact on the belowground microbial community 
(Allison, 2006; Nannipieri et al., 2017).  The spatially explicit approach of soil aggregates’ 
microbial communities shows the importance of soil itself in maintaining microbial 
environments. 
Soil microbes are the main mediators of biogeochemical interactions of the entire 
terrestrial ecosystem. Inclusion of both the aboveground and belowground dynamics of the 
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microbial community is needed to fully understand microbial communities in soil. To 
identify what is creating these communities and to promote diversity, investigating the spatial 
dynamics are vital for our understanding of and future predicative work for sustainability 
efforts, maintenance ecosystem functioning, and resiliency to environmental change.  
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Figures 
 
Figure 4.1: PCoA ordinations on Bray-Curtis Dissimilarity of fungal community sequence 
data. Cropping system, soil aggregate fraction, sampling season, and sampling year 
were all determined significant (P < 0.05, PERMANOVA), all samples included, raw 
data not averaged. 
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Figure 4.2: PCoA ordinations on Bray-Curtis Dissimilarity of bacterial community sequence 
data. Cropping system, soil aggregate fraction, sampling season, and sampling time 
were all determined significant (P < 0.05, PERMANOVA), all samples included, raw 
data not averaged.
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Figure 4.3: Mean fungal community richness, evenness, and Shannon’s Diversity Index across soil aggregate fractions (LM = 
large macroaggregates and MICRO = small microaggregates) and sampling season (error bars are +/- 1SE).  
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Figure 4.4: Mean bacterial community richness, evenness, and Shannon’s Diversity Index across soil aggregate fractions (LM = 
large macroaggregates and MICRO = small microaggregates) and sampling season (error bars are +/- 1SE). 
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Figure 4.5: Mean fungal community richness, evenness, and Shannon’s Diversity Index across ecosystem (CC = continuous corn; 
FP = fertilized prairie; P = prairie) treatments (error bars are +/- 1SE). 
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Figure 4.6: Mean bacterial community richness, evenness, and Shannon’s Diversity Index across ecosystem (CC = continuous 
corn; FP = fertilized prairie; P = prairie) treatments (error bars are +/- 1SE).
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Figure 4.7:  Conceptual model of increases in diversity across our field site, red arrows 
indicate comparatively higher or lower biodiversity to each system. a) Diverse plant 
community (prairies) vs monoculture, annual plant community (corn) b) Diversity of the total 
soil microbial community is higher in communities with more diversified plant communities. 
c) Microbial diversity is higher in small microaggregates (MC) than in the large 
macroaggregates (LM). d) Microbial diversity is highest within the small microaggregates in 
the peak growing season (Peak) over the early growing season (Early).
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Tables 
Table 4.1: Mean relative abundance (%) of fungal phyla (+1SE) by soil aggregate fraction, ecosystem, and sampling season.   
 
Aggregate 
Fraction Ecosystem  Season Phylum Relative Mean Abundance (%) SE 
LM Corn Early Ascomycota 46.14 2.77 
      Zygomycota 29.31 4.56 
      Basidiomycota 22.80 3.64 
      Glomeromycota 1.70 0.88 
      Neocallimastigomycota 0.03 0.02 
      Chytridiomycota 0.02 <0.01 
MICRO Corn Early Ascomycota 54.39 4.64 
      Zygomycota 25.18 4.61 
      Basidiomycota 19.71 3.19 
      Glomeromycota 0.69 0.24 
      Chytridiomycota 0.02 0.01 
      Neocallimastigomycota 0.01 0.01 
LM Corn Peak Ascomycota 44.01 3.68 
      Basidiomycota 26.34 5.27 
      Zygomycota 25.28 2.63 
      Glomeromycota 4.32 1.18 
      Neocallimastigomycota 0.03 0.03 
      Chytridiomycota 0.02 0.01 
MICRO Corn Peak Ascomycota 55.87 3.03 
      Zygomycota 26.16 2.79 
      Basidiomycota 16.89 1.26 
      Glomeromycota 1.05 0.14 
      Chytridiomycota 0.02 <0.01 
      Neocallimastigomycota 0.01 <0.01 
1
3
4
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LM Fertilized Prairie Early Zygomycota 40.65 2.54 
      Ascomycota 38.04 3.80 
      Basidiomycota 16.89 2.07 
      Glomeromycota 4.37 1.31 
      Chytridiomycota 0.04 0.01 
      Neocallimastigomycota 0.01 0.01 
MICRO Fertilized Prairie Early Ascomycota 63.26 4.74 
      Zygomycota 22.42 5.71 
      Basidiomycota 11.60 2.09 
      Glomeromycota 2.69 0.60 
      Chytridiomycota 0.03 0.01 
LM Fertilized Prairie Peak Ascomycota 38.64 3.23 
      Zygomycota 34.40 3.94 
      Basidiomycota 20.78 2.68 
      Glomeromycota 6.14 1.23 
      Chytridiomycota 0.04 0.02 
MICRO Fertilized Prairie Peak Ascomycota 46.99 4.85 
      Zygomycota 31.04 3.45 
      Basidiomycota 17.85 2.44 
      Glomeromycota 3.99 0.53 
      Chytridiomycota 0.07 0.03 
      Neocallimastigomycota 0.06 0.05 
LM Unfertilized Prairie Early Ascomycota 38.22 3.64 
      Zygomycota 30.72 3.61 
      Basidiomycota 26.98 4.26 
      Glomeromycota 4.04 0.89 
      Chytridiomycota 0.03 <0.01 
      Neocallimastigomycota 0.02 0.01 
MICRO Unfertilized Prairie Early Ascomycota 58.10 3.63 
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Basidiomycota 19.04 5.08 
      Zygomycota 17.88 5.67 
      
 
Glomeromycota 4.94 1.16 
  Chytridiomycota 0.04 0.01 
LM Unfertilized Prairie Peak Zygomycota 35.39 4.27 
      Ascomycota 32.41 3.90 
      Basidiomycota 25.28 3.53 
      Glomeromycota 6.87 0.97 
      Neocallimastigomycota 0.03 0.03 
      Chytridiomycota 0.03 0.01 
MICRO Unfertilized Prairie Peak  Ascomycota 39.65 2.57 
    Zygomycota 34.60 2.99 
    Basidiomycota 19.22 1.77 
      Glomeromycota 6.48 0.83 
    Chytridiomycota 0.04 0.01 
      Neocallimastigomycota 0.01 0.01 
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Table 4.2: Mean relative abundance (%) of bacterial phyla (+1SE) by soil aggregate fraction, ecosystem, and sampling season, 
only bacteria phyla with a mean abundance above 1% are included in table. 
 
Aggregate 
Fraction 
Ecosystem  Season Phylum 
Relative Mean 
Abundance (%) 
SE 
LM Corn Early Bacteroidetes 24.31 1.78 
Proteobacteria 23.76 0.82 
Acidobacteria 21.45 0.87 
Actinobacteria 8.16 1.06 
Verrucomicrobia 6.34 0.43 
Planctomycetes 3.11 0.30 
Gemmatimonadetes 2.88 0.18 
Chloroflexi 2.79 0.18 
Thaumarchaeota 1.90 0.72 
Firmicutes 1.08 0.42 
Nitrospirae 1.06 0.19 
MICRO Corn Early Bacteroidetes 24.85 1.58 
Proteobacteria 23.35 0.77 
Acidobacteria 18.70 1.38 
Actinobacteria 9.69 0.68 
Verrucomicrobia 6.31 0.41 
Chloroflexi 3.30 0.33 
Planctomycetes 3.20 0.38 
Gemmatimonadetes 3.16 0.22 
Thaumarchaeota 2.07 0.50 
Firmicutes 1.63 0.57 
LM Corn Peak Bacteroidetes 26.01 1.99 
Proteobacteria 21.81 0.42 
Acidobacteria 20.12 1.48 
Actinobacteria 8.48 0.84 
Verrucomicrobia 7.82 0.33 
1
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Planctomycetes 3.27 0.18 
Chloroflexi 2.89 0.08 
Gemmatimonadetes 2.42 0.16 
Thaumarchaeota 1.86 0.51 
Firmicutes 1.11 0.26 
Nitrospirae 1.02 0.08 
MICRO Corn Peak Proteobacteria 25.64 0.31 
Bacteroidetes 22.36 0.66 
Acidobacteria 17.33 0.74 
Actinobacteria 11.90 0.98 
Verrucomicrobia 7.21 0.34 
Chloroflexi 2.96 0.06 
Planctomycetes 2.95 0.10 
Gemmatimonadetes 2.81 0.17 
Thaumarchaeota 1.63 0.40 
LM Fertilized Prairie Early Proteobacteria 27.79 0.76 
Bacteroidetes 22.86 0.50 
Acidobacteria 19.79 0.78 
Actinobacteria 8.89 0.75 
Verrucomicrobia 7.58 0.26 
Planctomycetes 3.35 0.15 
Chloroflexi 2.77 0.26 
Gemmatimonadetes 2.10 0.16 
Thaumarchaeota 1.07 0.35 
MICRO Fertilized Prairie Early Proteobacteria 27.54 1.37 
Bacteroidetes 22.94 3.04 
Acidobacteria 14.37 0.28 
Actinobacteria 13.82 1.58 
Verrucomicrobia 6.26 0.31 
1
3
8
 
Table 4.2 (continued) 
 139
      
 
Chloroflexi 3.26 0.32 
Planctomycetes 3.26 0.13 
Gemmatimonadetes 1.85 0.07 
Thaumarchaeota 1.63 0.46 
Firmicutes 1.57 0.53 
LM Fertilized Prairie Peak Proteobacteria 25.50 1.37 
Bacteroidetes 24.61 1.31 
Acidobacteria 15.85 0.94 
Actinobacteria 11.06 0.78 
Verrucomicrobia 8.17 0.32 
Planctomycetes 3.73 0.31 
Chloroflexi 3.03 0.04 
Thaumarchaeota 2.35 0.76 
Gemmatimonadetes 1.81 0.07 
MICRO Fertilized Prairie Peak Proteobacteria 28.85 0.59 
Bacteroidetes 20.78 1.10 
Acidobacteria 15.78 1.01 
Actinobacteria 13.75 1.46 
Verrucomicrobia 7.51 0.43 
Planctomycetes 3.21 0.11 
Chloroflexi 3.10 0.12 
Gemmatimonadetes 1.88 0.09 
Thaumarchaeota 1.22 0.29 
LM Unfertilized Prairie Early Proteobacteria 26.36 1.04 
Bacteroidetes 24.88 0.95 
Acidobacteria 16.64 0.90 
Actinobacteria 10.82 1.07 
Verrucomicrobia 7.38 0.58 
Planctomycetes 3.74 0.25 
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Chloroflexi 2.68 0.12 
Gemmatimonadetes 1.95 0.12 
Thaumarchaeota 1.54 0.48 
Firmicutes 1.21 0.27 
MICRO Unfertilized Prairie Early Proteobacteria 27.19 2.91 
Bacteroidetes 20.98 1.94 
Acidobacteria 14.72 0.57 
Actinobacteria 13.32 1.33 
Verrucomicrobia 7.60 1.48 
Planctomycetes 3.98 0.39 
Chloroflexi 3.78 0.25 
Gemmatimonadetes 1.68 0.23 
Cyanobacteria 1.39 0.57 
Firmicutes 1.35 0.42 
Thaumarchaeota 1.14 0.57 
LM Unfertilized Prairie Peak Proteobacteria 26.01 1.29 
Bacteroidetes 23.36 1.57 
Acidobacteria 16.54 0.81 
Actinobacteria 10.45 1.31 
Verrucomicrobia 9.12 0.23 
Planctomycetes 4.17 0.22 
Chloroflexi 3.03 0.19 
Gemmatimonadetes 1.78 0.19 
Thaumarchaeota 1.10 0.42 
MICRO Unfertilized Prairie Peak Proteobacteria 26.08 1.35 
Bacteroidetes 22.38 1.40 
Acidobacteria 16.24 0.93 
Actinobacteria 13.25 1.48 
1
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Verrucomicrobia 7.75 0.40 
Planctomycetes 3.46 0.18 
Chloroflexi 3.12 0.12 
Gemmatimonadetes 1.83 0.18 
Thaumarchaeota 1.05 0.33 
   
 
 
Table 4.3: Results of main model effects (soil aggregate fraction, ecosystem treatment, sampling season, and sampling year) on 
fungal and bacterial diversity measurements (richness, evenness, and Shannon’s diversity index) using a mixed model 
ANOVA, values denoted with a (*) are statistically significant (α=0.05).  
 
Richness Evenness Shannon's Diversity Index 
Fungal Main Effect F-Value P-Value F-Value P-Value F-Value P-Value 
Sampling Season 5.12 0.02* 0.93 0.34 0.09 0.77 
Sampling Year 0.48 0.62 2.60 0.08 1.49 0.23 
Ecosystem 20.44 2.71e-8* 1.32 0.27 8.34 4.21e-4* 
Aggregate Fraction 78.25 1.51e-14* 4.90 0.03* 30.51 2.18e-7* 
 
Bacterial Main Effect F-Value P-Value F-Value P-Value F-Value P-Value 
Sampling Season 21.39 9.68e-6* 0.19 0.66 14.64 2.09e-4* 
Sampling Year 2.02 0.14 7.64 7.56e-4* 1.30 0.28 
Ecosystem 2.69 0.07 2.97 0.05* 5.41 0.01* 
Aggregate Fraction 67.81 2.78e-13* 7.89 0.01* 51.16 7.73e-11* 
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Supplemental Tables 
 
Table S4.1: Mean aggregate size distribution (%) across cropping systems and sampling years and seasons (+1SE). Aggregate 
sizes include MICRO (<250 μm), SM-MM (250-2,000 μm), and LM (>2,000 μm). 
Cropping System Year Season Mean MICRO SE MICRO Mean SM-MM SE SM-MM Mean LM SE LM 
Corn 2011 Early 0.038 0.016 32.867 27.491 67.095 3.411 
Peak 8.210 6.816 48.463 45.240 49.488 3.025 
2012 Early 3.662 0.806 39.628 38.222 56.710 1.710 
Peak 5.884 0.894 42.976 38.613 51.140 3.313 
2014 Early 0.500 0.330 33.836 29.795 65.663 2.371 
Peak 3.376 0.797 44.033 41.117 52.591 2.986 
 
Fertilized Prairie 2011 Early 0.002 0.001 19.086 1.708 80.912 1.709 
Peak 1.822 0.708 39.840 2.831 58.338 3.402 
2012 Early 4.724 0.591 35.238 2.639 60.038 3.188 
Peak 3.037 0.403 30.465 0.467 66.498 0.702 
2014 Early 0.067 0.042 25.223 1.603 74.709 1.607 
Peak 2.910 0.897 38.188 3.439 58.903 4.276 
 
Prairie 2011 Early 0.004 0.001 24.868 2.429 75.129 2.431 
Peak 3.238 1.086 50.163 2.368 46.599 3.190 
2012 Early 6.214 1.321 39.819 3.376 53.967 4.546 
1
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Peak 4.243 1.243 39.194 4.880 56.563 5.601 
2014 Early 0.181 0.128 32.478 5.542 67.341 5.633 
Peak 4.445 1.452 44.030 6.830 51.525 8.278 
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Table S4.2: Indicator fungal families in the large marcoaggregate (LM) soil fraction by 
sampling season (α=0.05).  
 
Season Fungal Family P-Value 
Early Phaeosphaeriaceae 0.005 
Early Leptosphaeriaceae 0.040 
Early Tubeufiaceae 0.005 
Early Basal Sordariales (Incertae 
sedis)  
0.045 
Early Teratosphaeriaceae 0.010 
Early Cystofilobasidiales  
(Incertae sedis) 
0.015 
Peak Agaricaceae 0.015 
Peak Paraglomeraceae 0.040 
Peak Glomeraceae 0.005 
Peak Claroideoglomeraceae 0.010 
Peak Lycoperdaceae 0.035 
Peak Trichomonascaceae 0.040 
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Table S4.3: Indicator fungal families in the small microaggregate (MICRO) soil fraction by 
sampling season (α=0.05). 
Season Fungal Family P-Value 
Early Tubeufiaceae 0.025 
Early Cystobasidiaceae 0.030 
Early Erysiphaceae 0.005 
Early Agyriaceae 0.010 
Early Cystofilobasidiales  
(Incertae sedis) 
0.005 
Early Stictidaceae 0.030 
Early Fomitopsidaceae 0.015 
Early Teloschistaceae 0.035 
Peak Entolomataceae 0.005 
Peak Agaricaceae 0.005 
Peak Pyronemataceae 0.005 
Peak Russulaceae 0.045 
Peak Chaetomiaceae 0.040 
Peak Helotiaceae 0.025 
Peak Paraglomeraceae 0.025 
Peak Corticiaceae 0.025 
Peak Mortierellaceae 0.005 
Peak Claroideoglomeraceae 0.025 
Peak Pucciniaceae 0.035 
Peak Rhizophydiaceae 0.020 
Peak Vuilleminiaceae 0.040 
Peak Amanitaceae 0.050 
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Table S4.4: Indicator bacterial families in the large marcoaggregate (LM) soil fraction by 
sampling season (α=0.05).  
Season Bacterial Family P-Value 
Early Sphingobacteriaceae 0.005 
Early Alcaligenaceae 0.04 
Early Erythrobacteraceae 0.02 
Early Xanthomonadaceae 0.005 
Early Oxalobacteraceae 0.005 
Early KD3-93 0.025 
Early 
uncultured Rhodocyclaceae 
bacterium 0.04 
Early Bdellovibrionaceae 0.005 
Early Verrucomicrobiaceae 0.045 
Early Cellvibrionaceae 0.005 
Early Caulobacteraceae 0.04 
Early Rhodobacteraceae 0.045 
Early bacterium Ellin6095 0.015 
Early Peptococcaceae 0.035 
Early FFCH16767 0.02 
Early Aurantimonadaceae 0.005 
Early Mycoplasmataceae 0.025 
Early TK85 0.035 
Peak Erysipelotrichaceae 0.005 
Peak Ectothiorhodospiraceae 0.005 
Peak uncultured Alcaligenaceae bacterium 0.005 
Peak Unknown Archaea 0.005 
Peak Fibrobacteraceae 0.015 
Peak Cytophagaceae 0.02 
Peak uncultured Firmicutes bacterium 0.005 
Peak Streptomycetaceae 0.01 
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Peak Phaselicystidaceae 0.005 
Peak Anaerolineaceae 0.005 
Peak Unknown Bacteriodetes 0.03 
Peak Family Incertae Sedis 0.04 
Peak Micromonosporaceae 0.02 
Peak Roseiflexaceae 0.015 
Peak Pseudonocardiaceae 0.03 
Peak PHOS-HE51 0.03 
Peak Sporichthyaceae 0.04 
Peak Haliangiaceae 0.015 
Peak Rhodospirillales Incertae sedis 0.05 
Peak Nitrosomonadaceae 0.01 
Peak Rickettsiales Incertae sedis 0.04 
Peak ML80 0.03 
Peak MidBa8 0.03 
Peak Spirochaetaceae 0.015 
Peak KCM-B-15 0.04 
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Table S4.5: Indicator bacterial families in the small mircoaggregate (MICRO) soil fraction 
by sampling season (α=0.05).  
Season Bacterial Family P-Value 
Early Gracilibacteraceae 0.01 
Early Lachnospiraceae 0.005 
Early Chlamydiaceae 0.025 
Peak p25 0.005 
Peak SM2D12 0.005 
Peak Flammeovirgaceae 0.005 
Peak VHS-B3-70 0.005 
Peak Unknown Flavobacteria 0.005 
Peak uncultured Nitrosomonadales bacterium 0.005 
Peak Unknown Archaea 0.005 
Peak AKYH767 0.005 
Peak Erysipelotrichaceae 0.03 
Peak MNC12 0.015 
Peak uncultured Alcaligenaceae bacterium 0.01 
Peak FFCH7168 0.01 
Peak Solimonadaceae 0.005 
Peak Rickettsiaceae 0.005 
Peak uncultured Rhodocyclaceae bacterium 0.01 
Peak uncultured Acidobacterium 0.035 
Peak Haliangiaceae 0.005 
Peak Phaselicystidaceae 0.005 
Peak Iamiaceae 0.035 
Peak Frankiaceae 0.01 
Peak Saprospiraceae 0.025 
Peak Rickettsiales Incertae sedis 0.01 
Peak Blfdi19 0.005 
Peak I-10 0.01 
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Peak Nitrosomonadaceae 0.005 
Peak uncultured Firmicutes bacterium 0.02 
Peak Opitutaceae 0.015 
Peak FFCH13075 0.04 
Peak Chitinophagaceae 0.005 
Peak Polyangiaceae 0.01 
Peak OPB56 0.02 
Peak Cytophagaceae 0.03 
Peak Rhodospirillales Incertae sedis 0.015 
Peak TK34 0.015 
Peak uncultured Acidobacteriac bacterium 0.005 
Peak Euzebyaceae 0.035 
Peak Syntrophaceae 0.015 
Peak 27F-1492R 0.04 
Peak ML80 0.005 
Peak Leptospiraceae 0.005 
Peak bacterium enrichment culture clone B126 (2011) 0.005 
Peak Elev-16S-1546 0.015 
Peak EV818SWSAP88 0.025 
Peak HSB OF53-F07 0.05 
Peak LiUU-11-161 0.025 
Peak B79 0.02 
Peak uncultured bacterium SJA-22 0.05 
Peak Glycomycetaceae 0.035 
Peak Eel-36e1D6 0.03 
Peak AKIW1012 0.025 
Peak Desulfarculaceae 0.02 
Table S4.5 (continued) 
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CHAPTER 5 
FLUORESCENTLY LABELED CELLULOSE NANOCRYSTALS PROVIDE THE 
MEANS TO ISOLATE LIVE CELLULOSE DEGRADING CELLS FROM A 
COMPLEX COMMUNITY 
Racheal N. Upton, Sheryl Bell, Will Chrisler, Galya Orr, Kai-For Mo, Jay Grate, and  
Kirsten S. Hofmockel 
Abstract 
 Cellulose is the most abundant biopolymer on earth, and further investigations into 
the microbial community dynamics of its degradation are necessary to model carbon 
dynamics on a global scale. We demonstrated a novel targeting method to investigate 
cellulose degradation in an enriched culture using fluorescently labeled cellulose 
nanocrystals. We showed that community level responses (optical density or respiration) 
were not significantly different when grown with cellulose or fluorescently labeled cellulose 
nanocrystals over a 10-day timeline. Use of this technique allows for a reductionist approach 
to answering the ecological questions of cellulose degradation in a tractable system. 
Introduction 
Cellulose is a major component of the soil carbon cycle, it is the most abundant 
biopolymer on earth, and it is ubiquitously distributed in terrestrial ecosystems (Klemm et 
al., 2005). There is increasing interest in methods to investigate the microbial decomposition 
and cycling of cellulosic carbon because of the profound importance of plant derived 
cellulose in global carbon cycling (Perez et al., 2002). The balance between carbon storage in 
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soil or release to the atmosphere as greenhouse gases (carbon dioxide, has important 
repercussions for climate forcing (Hemming et al., 1998 and Edenhofer et al., 2011). 
Similarly, the enzymatic pathways involved in cellulose decomposition are key to bioenergy 
feedstock production in terms of soil structure and fertility as well as industrial generation of 
cellulosic biofuels (Klein-Marcuschamer et al., 2012 and Rubin, 2008).  Because of the 
importance of cellulose in natural, managed, and engineered systems, there is an increasing 
need to understand the biology regulating the cycling of cellulosic carbon. The main purpose 
of this research is to demonstrate a novel direct technology, fluorescently labeled cellulose 
nanocrystals, to track cellulose degradation in a complex microbial community.  
Understanding the microbial degradation of cellulose in terrestrial environments has 
been hindered due to the complexity of the environment, the diverse nature of soil microbial 
communities, and limited development of direct methodologies to track the degradation and 
utilization of by-products (Torres et al., 2014 and Schimel and Schaeffer, 2012). Soil is a 
complex, heterogeneous matrix comprised of spatially structured microhabitats with unique 
chemical and biological signatures.  Recent studies have revealed that soils support hyper-
diverse microbiomes, making it difficult to connect taxonomy or phylogeny to function.  This 
is particularly challenging with complex substrates, like cellulose, where multiple organisms 
likely participate in the decomposition process (Haruta et al., 2002). 
Past methodologies such as stable isotope probing (Eichorst and Kuske, 2012 and 
Štursová  et al., 2012), field scale measurements, such as respiration and extracellular 
enzyme activity assays, and sequencing approach from bulk soil are indirect methods for 
identifying and characterizing cellulose degraders (Fioretto et al., 2005 and Donnelly et al., 
1990). Stable isotope probing requires an incubation period to allow the heavier carbon 
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isotope to be incorporated into the microorganism’s DNA.  This is limiting to both the ability 
to monitor cellulose degradation over a timeline as well as identification of live cells for 
potential culturing of novel cellulose degraders in later analysis. There are also limitations to 
solely taking a sequencing approach; metatranscriptomics and metagenomics can reveal the 
potential of a community to utilize cellulose, but it is often quite difficult to connect that 
ability back to the individual community member (Duan and Feng, 2010 and Hess et al., 
2011). 
Utilizing a direct targeting methodology, fluorescently labeled cellulose nanocrystals, 
followed by high-throughput flow cytometry to sort single microbial cells based on 
fluorescence allows for rapid isolation and potential characterization of the complex 
microbial communities using carbon derived from cellulose. This novel method allows for 
increased flexibility in the timeline of cell harvest and community characterization through 
microscopy during the entire cellulose degradation community based process. Culturing of 
microorganisms that are vital to the enzymatic pathway of cellulose degradation is another 
potential advantage of using fluorescently labeled cellulose nanocrystals paired with cell 
sorting and could be utilized in the production of cellulosic biofuels (Haruta et al., 2002). 
 
Methods 
In order to identify microbial community members utilizing cellulose-derived carbon, 
a soil inoculate from prairie soil was initially cultured from the Comparison of Biofuel 
Systems research site. After the initial imbibing period with minimal media and soil particles, 
the complex microbial community was enriched for cellulose degraders using unlabeled 
cellulose nanocrystals. The enriched community was then split into labeled and unlabeled 
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cellulose nanocrystal treatments and monitored for 10 days using respiration and optical 
density as markers of general community physiology to detect differences amongst cellulose 
treatments. At the end of the 10-day culturing time course, the samples were destructively 
harvested and saved for cell sorting analysis to separate labeled and unlabeled communities 
from the labeled cellulose treatment (Figure S5.1). 
 
Soil Sampling and Field Site Description 
Soil cores were collected in July 2012 from the Comparison of Biofuel Systems 
research site in Boone County, IA. The Comparison of Biofuel Systems research site was 
used for initial soil inoculate because it would allow potential future iterations on the current 
design looking at how different agro-ecosystems impact cellulose degrading communities 
(comparison of continuous corn and a diverse prairie) with the same natural history of the 
soil prior to conversion to the research site. Study site description and soil sampling process 
has been previously described (Bach and Hofmockel, 2014). Soil cores were taken from a 
fertilized prairie plot because it had the lowest C:N ratio amongst the cropping systems, 
providing the microorganisms with the highest potential nutrients to use for growth.  Cores 
were collected from the top ten cm of soil and processed through a 8 mm sieve prior to soil 
fractionation into different aggregate sizes using the optimal moisture method as described 
by Bach and Hofmockel (2014). Following aggregation, soils were air dried and stored at 
room temperature until future use. 
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Soil-Derived Inoculum 
To culture soil-derived microorganisms, five soil-derived inoculum were cultured 
from subsamples of 1 g of air-dried large macro-aggregates (1-2 mm diameter) from 
fertilized prairie soil collected in July 2012, following a week long imbibing period in 10 mL 
of 3X M9 media (126 mM NaH2PO4, 66 mM KH2PO4, 25.5 mM NaCl, 56.1 mM NH4Cl, 3 
mM MgSO4, 0.3 mM CaCl2) with Biotin (1 µg/mL), and Thiamine (1 µg/mL). Large macro-
aggregates were used because they are the most abundant and similar to whole soil, while 
still using soil particles at a more microbially relevant scale.  
 
Cellulose Nanocrystal Production 
The full method of cellulose nanocrystal production and fluorescent labeled can be 
found in Grate et al. (2015). Briefly, cellulose nanocrystals were produced by blending 
Whatman No. 1 filter paper into pulp using a blender, then hydrolyzed in 2.5 M hydrobromic 
acid, cooled to 0° C and ultrasonicated. The cellulose nanocrystals were then treated to limit 
oxidation with sodium periodate. Reductive amination was used to prepare Alex Fluor 546 
for conjugation to the cellulose nanocrystals, this was achieved by combining Alex Fluor 546 
maleimide to 4-aminothiophenol. Cellulose nanocrystals were conjugated with the treated 
Alex Fluor 546 using a triazing linkage for a linkage rate of 3.3 μg of dye per mg cellulose. 
The degree of labeling was confirmed using UV-vis absorbance spectra, 556 nm, and the 
amount of dye was calculated by correlating the absorbance intensity against a calibration 
curve. 
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Cellulose-Degraders Enrichment 
To enrich for cellulose degraders, approximately 5 mL of inoculum from the initial 
soil-derived culture was transferred to 5 mL of novel M9 media, to reach a total of 10 mL, 
with unlabeled cellulose nanocrystals (1 mg of cellulose nanocrystals/mL of culture media) 
for 48 hours. For the time course experiment, post- 48 hours enriched inoculum is referred to 
as time 0 hours. The enrichment step was intended to prime the community for cellulose 
degraders prior to the experimental time course and to decrease carry-over of other carbon 
sources naturally occurring within the soil. 
 
Experimental Time Course Setup  
In order to monitor community physiology over the 10 day time course minimal 
media was used, 3.5 mL of M9 media with 1:100 diluted Hutner’s addition (1.81 mM 
ZnSO4▪7H20, 1.255 mM FeSO4▪7H20, 0.456 mM MnSO4▪H20, 0.078 mM CuSO4▪5H2O, 
0.049 mM Co(NO3)2▪6H20, 0.023 mM Na2B4O7▪10H20, 0.336 mM EDTA, 120 mM MgSO4, 
22.7 mM CaCl2▪2H2O,  and 0.007 mM (NH4)6Mo7O24▪4H2O ), and each cellulose addition 
type, labeled and unlabeled nanocrystals, were set up independently for each time point.  500 
µL of inoculum from the enriched culture was added to each of the independent 20 mL 
culturing vials.  Cultures were incubated at 25°C covered only in sterile cotton/foil to allow 
for air-exchange and sterility to be maintained, as well as being incubated in darkness to 
prevent photo bleaching of the labeled nanocrystals.  For each treatment 5 replicates were set 
up; treatments included labeled cellulose nanocrystals (4 mg labeled cellulose) and unlabeled 
cellulose nanocrystals control (4 mg unlabeled cellulose). No free dye was present within the 
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culture requiring the microorganisms to cleave the cellulose prior to assimilation of the 
labeled or unlabeled cellulose monomers. 
Respiration and population density were used to measure microbial physiology to 
compare cellulose treatments. For each time point (0, 12, 24, 36, 48, 72, 96, 120, 144, 168, 
and 240 hours) respiration measurements were taken. Samples were capped using Wheaton 
Crimpenstein to seal rubber septa with an aluminum ring around the top of the vial and 
incubated at 25°C for one hour prior to analysis for each time point. 2 mL of headspace CO2 
concentrations were measured using infra-red gas analysis (IRGA), LiCOR model LI-7000 
(Lincoln, NE, USA). Media only tubes were analyzed in addition to experimental samples to 
determine the media-derived CO2 efflux and were subtracted from experimental reads to 
determine cellulose degradation rates. Total cumulative respiration rates were determined by 
integrating rate values across the ten-day time course using a reference gas (2000 ppm) 
(Keiser et al., 2012). Optical density was measured once every 24 hours; a total of 500 µL of 
culture was removed during the time course for each of the optical density measurements (50 
µL per day). Population density was measured by optical density measurement at 600 nm 
using a BioTek Synergy HT (Winooski, VT, USA) (Contois, 1959). Using R 3.1.1, a linear 
mixed effect model including repeated measures was used to determine if time or treatment 
had an effect on cumulative respiration rate and optical density, where treatment and time 
were treated as fixed effects and replicates were random effects to account for inoculum 
variation. Respiration and optical density data was log plus one transformed to meet the 
assumptions of ANOVA. At the final time point, 240 hours, the cultures were destructively 
sampled and sub-aliquots were saved for future analysis. A 1.5 mL aliquot for cell sorting 
was placed into a microfuge tube and centrifuged at 5,000 g for 3 minutes, supernatant 
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removed, and resuspended in 500 µL of 15% glycerol in 3X M9 minimal media, and stored 
at -80°C until PBS dissociation treatment. 
Cell Sorting Dissociation and Methods 
Samples were prepared for flow cytometry single cell sorting by dissociating cells 
from cellulose nanocrystal particles by adding 1 mL of PBS (137 mM NaCl, 2.7 mM KCl, 10 
mM Na2HPO4, 1.8 mM KH2PO4) plus 1% (v/v) tween 20 and vortexing for 4 minutes with  
1-mm glass beads.  Samples were incubated at 4°C for 1 hour and were stored at -80°C until 
further analysis (Vaahtovuo et al., 2005). 
  Dissociated samples were stained for DNA with 5 mg/mL DAPI and then filtered 
through a 35 mm mesh. The Influx (BD Biosciences) fluorescence activated cell sorter 
(FACS) was used for both analysis and sorting. Excitation lasers were 355 and 561 nm for 
the DNA and labeled cellulose emission channels, respectively. DNA was detected with a 
460 nm, 50 nm bandwidth band-pass filter, and the labeled cellulose signal was collected in a 
585 nm, 29 nm bandwidth filter. The forward scatter (FSC) and side scatter (SSC) intensity 
of 20,000 cells were measured and plotted to create the population distribution for identifying 
the sorting gates for the DNA and cellulose fluorescence containing populations. Sort gates 
were defined on a DNA versus labeled cellulose signal. Cells were sorted to separate DNA or 
DNA + labeled cellulose signal. Subsets of FACS enriched samples were screened by 
confocal microscopy to confirm the sort gates. Images were acquired using a Zeiss LSM 710 
Scanning Confocal Laser Microscope (Carl Zeiss MicroImaging GmbH, Jena, Germany) 
with a Plan-Apochromat 100x/1.46 Oil DIC M27 objective. The excitation laser for DAPI 
was 405 nm, with emission detection at 493 – 630 nm. The excitation laser for labeled 
cellulose was 561 nm, with emission detection at 566 - 680nm. To determine the purity of 
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sorted cells from the defined gates, a subsample of the two sorted communities were 
reanalysed in the flow cytometer, 20,000 events were reanalysed for each sorted community 
to determine purity. The entire sample was sorted and the enriched fractions were stored at    
-80°C for future analysis. 
 
Results 
Physiological measurements indicated no differences in growth between microbial 
communities grown on labeled and unlabeled cellulose nanocrystals. Respiration and OD 
were not significantly different between unlabeled and labeled cellulose treatments (P=0.95) 
at any time point, and there was no significant interaction effect between time and cellulose 
treatment. For both unlabeled and labeled cellulose treatments growth varied over the 
experiment as indicated by differences in both respiration and OD between sampling time 
points (P<0.0001) (Fig. 5.1 and 5.2).   
Post-sorting event counts between the fluorescently labeled cells and unlabeled cells 
show a wide range of ratios (Table 5.1), suggesting initial soil inoculum variation amongst 
samples and being a true representation of soil diversity even through a highly selective 
environment. Through microscopy observations we have confirmation of a highly diverse 
microbial community post-enrichment, including assimilated fluorescently labeled cells, 
associated fluorescently labeled cells, and unlabeled cells (Fig. 5.3). Post-sorting microscopy 
observations confirmed our sort gates into labeled and unlabeled communities. Within the 
labeled community cells were either assimilated or associated with fluorescently labeled 
cellulose or cellulose monomer. 
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Discussion 
Identification of living cells is highly valuable to molecular microbial ecologists 
because it allows for identification and potential cultivation of novel organisms and genes 
from a complex community. The potential applications of viable cell identification and 
characterization from a complex community include improving biofuel production, carbon 
sequestration efforts, and expansion into medical human-microbe interactions (Turnbaugh et 
al., 2007, Amann et al., 1995, and Amann and Fuchs, 2008). Prior technologies have allowed 
for either identification and characterization of living cells from simple or monoculture 
communities or have relied on metagenomics from non-viable cell culturing techniques to 
identify potential genes or organisms of interest. Using fluorescently labeled cellulose 
substrate followed by flow cytometry, we have developed a direct targeting technique to 
track cellulose derived carbon cycling within a diverse environmental microbial community 
without influencing the community level physiological responses. 
A key objective to substrate addition experiments is to track processes without 
disturbing the native microbial community (Haack et al., 1995). We demonstrated that the 
addition of fluorescently labeled cellulose nanocrystals did not change the physiological 
response of the enrichment community to the addition of cellulose. Respiration and 
population density of the unlabeled and labeled cellulose nanocrystal treatments showed no 
change in the community physiology between the cellulose treatments. There was no lag time 
between the labeled and unlabeled cellulose treatments growth and respiration curves. 
However, there is variation dependent on the initial soil-derived inoculum community across 
cellulose treatments, reflecting biological complexity of soil community microorganisms.  
The lack of change in community physiology in the presence or absence of the fluorescent 
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label confirms that cellulose-degrading communities are interacting with the cellulose in the 
media for their primary carbon source and is not influenced by the presence of the 
fluorescent label at a microbial population level. 
An important and novel benefit of this technique is the ability to visualize 
microorganisms from a complex community that assimilated labeled substrate molecules 
(Caldwell et al., 1992 and Lee et al., 1999). This enables answering more ecological and 
physiological questions such as the identification of cells and their morphologies between 
those that are free floating rather than are associated with the fluorescent cellulose. Initial 
microscopy analysis allows for generation of hypotheses of the role of the sub-populations of 
microorganisms within the whole community and their interactions for cellulose derived 
carbon cycling. 
We have successfully demonstrated uptake of the labeled cellulose derived monomers 
into microbial cells to serve as a direct target for single cell sorting using flow cytometry 
within a highly complex microbial soil derived community. Our initial community was 
highly diverse and included organisms that were growing in flocs, isolated single cells, and 
diverse morphology representing a complex microbial community in a highly enriched 
culturing system. During imaging it was discovered there were also a great number of cells 
associated with the labeled cellulose, however the cells lacked assimilation of the label 
cellulose.  The associated cells represented another potential target to identify community 
members that could be playing an important role in cellulose degradation, prior to the 
assimilation of the cellulose-derived monomers. 
Another advantage to direct targeting of cellulose cycling microorganisms through 
fluorescently labeled cellulose nanocrystals is the ability to isolate individual cells to either 
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characterize their phenology through cultivation or single cell genome sequencing. Flow 
cytometry would allow for both cultivation and single cell genome sequencing because it 
allows only one cell to be placed into an individual well on a 384 well plate for downstream 
analyses. Another method to isolate cells for single cell genomes is laser capture micro-
dissection (LCMD); this would allow for direct targeting of different cells based on 
morphology and confirmation through a 16S screening process (Fend and Raffeld, 2000 and 
Ramsay et al., 2006). However, LCMD requires cells become completely desiccated so they 
can no longer be used for cultivation purposes. Single cell genomes can be used for biofuel 
production purposes to identify and characterize novel organisms and potentially important 
enzymes to improve industrial processes. 
Fluorescently labeled cellulose nanocrystals provide a direct method to target 
cellulose-derived carbon cycling microorganisms from complex communities.  Future work 
could include multiple Alexa Fluor dyes conjugated by a similar approach to other substrates, 
providing flexibility to meet the desired research application. We have demonstrated the 
usefulness of this method for studying how members of a mixed microbial community 
associate to or assimilate cellulose. Using lab based culturing techniques and studies to 
inform the ecosystem interactions of microorganisms provides a basis for addressing major 
carbon cycling questions on a global scale. 
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Table 
Table 5.1: Sorting event counts by rep for unlabeled and labeled events. 
 
Sort Event Rep Unlabeled Events Labeled Events 
1 1.8e+7 1.1e+7 
2 7.2e+6 1.3e+7 
3 1.3e+7 1.3e+7 
4 1.6e+7 1.2e+7 
5 1.3e+7 1.2e+7 
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Figures 
 
 
Figure 5.1: Cumulative respiration over the time course of both the unlabeled cellulose and 
labeled cellulose nanocrystal treatment, no significant difference between treatments at any 
time point. 
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Figure 5.2: Optical density over the time course of both the unlabeled cellulose and labeled 
cellulose nanocrystal treatment, no significant difference between treatments at any time 
point 
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Figure 5.3: Pre-sort samples stained with DAPI to identify unlabeled and labeled cells. A) 
Two cells both stained with DAPI (5 mg/ml). B) Only one cell has assimilated the 
fluorescent cellulose. C) Overlay of the DAPI DNA cell fluorescence and the fluorescent 
cellulose. 
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Supplemental 
 
Figure S5.1: Methods overview, 1 week imbibement period in minimal media, followed by 
48 hour enrichment period with unlabeled cellulose, sample is then split into two treatments, 
labeled and unlabeled cellulose for a 10 day time course with daily measurements of 
respiration and optical density, finally, at the end of the time course samples are harvested for 
cell sorting by flow cytometry.  
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CHAPTER VI 
GENERAL CONCLUSIONS 
 
Microbial ecology of plants, soil, bacteria, and fungi were investigated in the four 
preceding chapters. Two of the chapters addressed the interaction between the plant 
community and the belowground microbial community. Firstly, by determining the 
interaction of plants and microbes in the context of restoration ecology and the ability to 
confer resiliency within the microbial community. Secondly, the local interactions of plant 
communities and their impact on overall fungal community structure and diversity were also 
investigated. The spatio-temporal component of soil biodiversity was explored as well to 
demonstrate the importance of soil itself in maintaining microbial diversity. Lastly, a new 
method was introduced as a potential way to link the individual microorganisms physiology 
to ecosystem services. 
 In Chapter 2, fungal and bacterial community structure, composition, and 
extracellular enzyme activity was investigated across three ecosystems managed for 
bioenergy crops, following the restoration of two prairies over three sampling years. We 
observed increased microbial diversity in the prairie cropping systems over the monoculture 
corn cropping system, despite the highest nitrogen inputs occurring within the corn 
ecosystem. In 2012, following a drought on the site, only the fertilized prairie cropping 
system maintained microbial diversity and enzymatic activity. Resiliency indices were used 
to determine if bacterial and fungal richness and extracellular enzyme activity showed 
increased resilience in different ecosystem managements. Carbon cycling enzymes, β-
xylosidase and cellobiohydrolase, showed increased resilience in both prairies over the corn 
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ecosystem. Overall, 2014, the last sampling year, had the highest extracellular enzyme 
activity, due to the ever-increasing root deposition and inputs and optimal environmental 
conditions. This research demonstrates that microbial communities can be managed by the 
aboveground plant community to increase resiliency to drought, and that diversified restored 
prairies promote microbial richness and greater extracellular enzyme activity.  
 To expand upon our research, exploration into further ways to confer resiliency and 
potentially resistance within microbial communities could include transferring soil from the 
differing ecosystem management systems into microcosm studies to have a direct control 
over the abiotic factors. Inclusion of a control, no disturbance event treatment, would allow 
for both further exploration into resiliency and the ability to calculate resistance. In addition, 
different types of disturbance events could be explored to see if the same patterns of 
resilience occur across all abiotic disruptions. Research within field settings regarding 
resiliency are vital to continue to directly determine ways to confer resiliency in the 
microbial community. While investigations in controlled settings do offer experimental 
advantages, actual environmental studies are vital to observe all the compound ecological 
interactions and the resulting response of the microbial community. Continued long-term 
exploration into the microbial community response to restored prairies would also be 
beneficial to determine if the aboveground efforts lead to belowground responses, this future 
experiment is in progress; field samples were collection August 2017 and an additional 
planned collection will occur in three years. 
 Chapter 3 demonstrated the importance of local dynamics on plant-microbe 
interactions. Using a combination of differing plant grouping levels and targeted species-
specific samples across two prairies, unfertilized and nitrogen fertilized, we determined the 
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impact of local interactions on the fungal community structure and composition. Leguminous 
plants, particularly Dalea purpurea, had a significant impact on fungal community diversity, 
composition, and extracellular activity. These findings showed the impact of local 
interactions between plants and the fungal community, and demonstrated how a relative low 
abundance plant community can have a large impact on the fungal community structure.  
 Local interactions between microbes and plants within the literature are under 
investigated. We demonstrated these interactions have a tremendous impact on fungal 
community membership and function, as such to continue to model the dynamics of 
microorganisms within soil these interactions need to further investigated. Our study only 
looked at prairies and at one sampling depth, creating lots of opportunities for future 
experiments. Further exploration into differing ecosystems or sampling depth could also 
demonstrate the importance of these dynamics between plant and fungi. In addition, a 
potential lab incubation or manipulated microcosm study could reveal the possible 
mechanisms behind the dynamics between leguminous plants and fungi, including possible 
trophic interactions between legumes, fungi, and bacteria. Identification of the possible root 
exudate or volatile organic chemicals (VOC) from legumes that select for decreased fungal 
communities could also be explored using a more lab based approach paired with 
metabolomics.  
 In Chapter 4, microbial community spatio-temporal dynamics within soil were 
investigated, as were the primary drivers of soil microbial diversity. We analyzed the 
diversity of two soil aggregate fractions, large macro (LM) and small micro (MICRO), across 
three bioenergy cropping systems, in three different sampling years, at two different 
sampling seasons. We concluded the following model for microbial diversity: diversity 
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begets diversity, diversified plant community and belowground inputs increased microbial 
diversity, MICRO aggregate communities support higher microbial diversity then LM 
aggregates, and the dynamic communities within the MICRO aggregates increase in diversity 
during peak growing season. These highly complex and challenging dynamics between 
microorganisms, plants, and soil are vital to understand a whole range of ecosystem services 
including, soil health maintenance and revitalization, biogeochemical cycling, plant 
productivity, and sustainability. In addition, it provides a greater context of how to address 
biogeography questions of microorganisms on a microbially relevant scale.  
 A key gap in understanding the ecological implications of discrete microbial 
communities within local environments is the lack of environmental data.  The gene by 
environment phenotypic responses and ecological interactions with the changing 
environment can only be elucidated with greater soil chemistry data.  Future experiments 
characterizing differences in the carbon chemistry of mineral associated organic matter and 
LM aggregates would provide the much needed evidence of the chemical habitat that selects 
for microorganisms, metabolic functions, and microbial interactions within the soil. In 
addition, the hypothesized microbial “release” from LMs during aggregate turnover should 
be approached to be demonstrated mechanistically. However, this would require the 
production of novel techniques, through a combination imaging, potentially cell sorting, 
sequencing, and modeling. Should this methodology arise, it would allow evaluation of the 
mechanistic changes of soil microorganism diversity during aggregate turnover, and 
evaluation of carbon cycling dynamics in soil. In addition, different types of soil may 
potentially have changes in soil aggregate distribution; exploration into how these variants 
impact the microbial community could also be explored. 
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 Chapter 5 demonstrated a new approach to address ecosystem level questions, which 
microorganisms are part of cellulose degradation and what are their enzymes, at a tractable 
scale for soil communities. Utilization of fluorescently labeled cellulose nanocrystals showed 
the methodology worked and did not impact microbial physiology with or without the 
fluorescent label. Future experiments using this technology would allow for sequencing, 
culturing, and microscopy techniques to be combined to answer questions about the cellulose 
utilizing community of microorganisms from a complex environment such as soil.  
 Generally, this dissertation contributed to a greater understanding of the dynamics 
between soil, plants, bacterial, and fungal communities.  The results demonstrated here can 
be used to better manage diverse bioenergy systems for increased resiliency. Resiliency of 
microorganisms through aboveground management is vital to research as increased climatic 
change is predicted to occur. Local interactions need to be further investigated, here we not 
only demonstrated that the fungal community membership was influenced by legumes, but 
also extracellular enzyme measurements, representing a huge change in function with 
ecosystem level repercussions.  
The seasonality of aggregate inhabiting microbial communities is first demonstrated 
within this research, which addresses the spatio-temporal dynamics of microbial diversity. A 
direct demonstration of an appropriate microbial scale within soil was shown to address 
future biodiversity changes. The data presented here contributes to the field of soil ecology, 
microbial ecology, plant-microbe interactions, and microbiology. Greater climatic change is 
occurring within the environment and utilization of the data supported here could help confer 
resiliency to disturbances, promote sustainability and biodiversity.  
